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Resumo 
 
 

As doenças cardiovasculares apresentam a maior taxa de mortalidade a 
nível mundial. Entre elas, o enfarte do miocárdio resulta muitas das vezes 
em insuficiência cardíaca devido à incapacidade dos cardiomiócitos se 
regenerarem. Desta forma é crucial desenvolver estratégias que permitam 

uma boa recuperação destes pacientes. Atualmente, a engenharia de 
tecidos é um dos campos mais estudados, focando-se no desenvolvimento 
de estruturas, como filmes e estruturas porosas, com o objetivo de substituir 
tecidos danificados enquanto a sua regeneração ocorre. No entanto, a 
escolha do biomaterial mais apropriado é difícil, pois é necessário garantir 
as propriedades físicas, mecânicas, de degradação e biocompatibilidade 
semelhantes às do tecido cardíaco. Neste trabalho, ácido poli L-lático 
(PLLA) e difenilalanina (FF) foram utilizados, devido às suas propriedades 
promissoras, nomeadamente biocompatibilidade e piezoeletricidade, para 
criar um filme que consistia em três camadas (PLLA/FF/PLLA) sobrepostas. 
Neste filme foi detetada a existência de piezoeletricidade, d33 = ~6-7 pm/V, 
derivada maioritariamente da camada de FF. Testes de degradação dos 
filmes mostraram a preservação da camada de FF após deposição por cima 
de uma camada de PLLA. Para a produção das estruturas porosas, soluções 
de quitosana e seda foram misturadas em diferentes rácios - 2:8, 1:1 e 8:2 - 
tendo sido possível obter uma estrutura porosa, cuja percentagem de 
porosidade foi de 66.3, 80.3 e 55.7%, respetivamente. O Módulo de Young 
foi de 46, 98 e 163 kPa para os rácios de 2:8, 1:1 e 8:2, respetivamente, 
sendo o 2:8 o que se assemelha mais ao tecido cardíaco, ~10-20 kPa. 
Testes de degradação mostraram uma conservação de cerca de 90 e 80% 
do peso das estruturas porosas para os rácios de 2:8 e 8:2, respetivamente, 
no entanto foi perdida a estrutura porosa apenas 1 semana após início dos 
testes. Este trabalho mostra a possibilidade de implementação destes 
materiais na engenharia de tecidos cardíaca, devido às propriedades 

piezoelétricas e porosidade conferidas pelo filme e estruturas porosas, 
respetivamente. A piezoeletricidade permitirá que ocorra estimulação 
elétrica dos cardiomiócitos, enquanto a porosidade facilitará a migração dos 
mesmos, ambos auxiliando na regeneração do tecido. 



 
 

Keywords Tissue engineering, myocardial infarction, biomaterial, scaffold, PLLA, FF 
silk, chitosan, film, porous structure, topography, piezoelectricity, mechanical 
properties 

Abstract 
 
 

Cardiovascular diseases remain the leading cause of death worldwide. 
Myocardial infarction is among them, usually leading to heart failure due to 

the inability of the cardiomyocytes to regenerate. It is thus imperative to 
develop strategies in order to assist these patients. Tissue engineering is 
one of the most studied fields, focusing on the development of suitable 
structures, such as porous structures and films, to replace the damaged 
tissue while regeneration occurs. However, the selection of an appropriate 
biomaterial may be difficult, since it must meet the properties, such as 
physical, mechanical, degradation and biocompatibility, similar to the tissue 
to be replaced. In this study, poly(L-lactic acid) (PLLA) and diphenylalanine 
(FF), were used, due to their promising piezoelectric and biocompatibility 
properties, to produce a film consisting of three-layers (PLLA/FF/PLLA) spin-
coated on top of each other. Piezocoefficient, d33, was found to be ~6-7 
pm/V, and mainly derived from the FF layer. Degradation tests showed 
preservation of the FF layer after deposition of the last layer, PLLA. Porous 
structures were also developed and consisted of chitosan-silk with different 
ratios - 2:8, 1:1 and 8:2. A porous structure was observed and the 
percentage of pores was found to be 66.3, 80.3 e 55.7%, and the Young’s 
Modulus was 46, 98 and 163 kPa, respectively. It was found that the 8:2 ratio 
Young’s Modulus was very close to the ~10-20 kPa for cardiac tissue. 
Degradation of the porous structures after three weeks resulted in the 
conservation of 90 and 80% of their weight, for the 2:8 and 8:2 ratios, 
however their porous structure was lost only after 1 week. This work showed 
promising results, especially regarding the piezoresponse of the films and 
porosity of the porous structures. Piezoelectricity should provide the 
cardiomyocytes with electric stimulation while porosity facilitates their 

migration, both helping during tissue regeneration. 
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CHAPTER I - CONTEXT AND OBJECTIVES 
 

1.1. Context 

Cardiovascular diseases remain the leading cause of death worldwide, with over 17,9 

million people dying each year.[1] Such numbers occur due to the inability of the adult’s 

heart muscle cells, cardiomyocytes, to replicate and replace injured cells. Instead, the 

formation of scar tissue occurs around the myocardium, the middle layer of the heart 

comprising around 95% of the cardiomyocytes mass. This process is far from ideal because 

the tissue becomes unable to contract, with the only way to avoid this it is its replacement 

with functioning cardiac muscle tissue. Until now, such treatment has not been very 

successful mainly due to poor cellular integration.[2]  

 Recently, tissue engineering has become one of the fields of study regarding the 

regeneration of damaged organs. Nowadays, cardiac tissue engineering already allows 

precise cell growth in controlled three-dimensional environments, for cardiovascular 

diseases. However, one of the major challenges remains the establishment of a suitable 

cardiac tissue matrix, only achieved through the selection of the most appropriate 

biomaterials to integrate the scaffold. This is a very difficult process due to the complexity 

of the human heart.[3] Even though their clinical application remains limited, this field holds 

great promise for the future, mainly in restoring damaged cardiac tissue.[4]     

The development of the suitable scaffold, which is usually implanted onto the 

infarcted tissue on the epicardium is a very extensive process[5]. Cardiac patches should 

provide a suitable environment for the cells while mechanically reinforcing the scar tissue 

of the heart to avoid ventricular dilation, properties such as bioactivity, promotion of 

angiogenesis, and electrical conductivity, to enhance transmission of electrical signals, 

should be present.[6], [7] In the last few years, biomaterials have become the most studied 

materials to integrate scaffolds for tissue engineering. Their promising properties such as the 

ability to support cell adhesion, migration, proliferation, and differentiation, due to their 

similitude with the extracellular matrix, have made them desirable for applications in the 

biomedical field.[8]  

Polymers such as poly(L-lactic acid) (PLLA) and chitosan can be easily obtained, in 

particular: PLLA by condensation polymerization of lactic acid and chitosan through the 
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chemical transformation of chitin, a very abundant polysaccharide extracted from marine 

organisms (like crustaceous). Even though PLLA has already been approved by the Food 

and Drug Administration (FDA) for many biomedical applications, thus remaining one of 

the most studied polymers, its possible application for cardiac tissue engineering is still 

unnoticed.[9]–[11] On the contrary, chitosan already seems to integrate works for the 

referred application, however usually as part of a composite. The combination of chitosan 

with silk, a natural biopolymer that is spun into fibers by silkworms, has already been studied 

for applications in the cardiac engineering tissue field, showing good results such as 

enhanced mechanical properties, increase in the expression of cardiac specific genes and 

stimulation in the secretion of growth factors for cardiac repair.[12], [13] Moreover, it has 

been shown that materials such as diphenylalanine (FF), with piezoelectric response, a 

phenomenon characterized by the transformation of electricity into mechanical force and 

vice versa, may  provide cardiomyocytes with electrical stimulation, thus allowing 

regeneration of the cardiac tissue.[14] Therefore, the introduction of PLLA, silk and 

diphenylalanine (FF) should prove useful, due to their piezoelectricity.   

 

1.2. Objective 

The main goal of this work was to develop a novel biomaterial with piezoelectric 

properties to electrically stimulate cardiac tissue repair. Hence this work was divided in two 

parts: 1) the production of a three-layered film containing PLLA and FF (PLLA/FF/PLLA) 

and 2) the development of a chitosan-silk porous structure. 

Due to the combination of various materials, it was expected that the films and porous 

structures would retain the properties of both materials, namely piezoresponse, one of the 

most promising for cardiomyocyte regeneration. Moreover, mechanical characterization of 

the porous structures is essential to ensure similarity between the developed material and the 

tissue to be replaced. It is well known scaffolds do not show complete mechanical 

equivalence to healthy tissue. However, their rigidity and durability must be sufficient to 

provide mechanical cell support, the required level of mechanical transduction between the 

matrix and cells and, as a result, active maintenance of the development of regenerative 

processes. Topography and degradation rate were also assessed, as they are important 

parameters for scaffold characterization, in order to ensure that the damaged tissue has 

enough support during regeneration.[15]  
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CHAPTER II - STATE OF THE ART 
 

 2.1. Tissue Engineering 

 Tissue engineering (TE) is a constantly growing area that evolved from the field of 

biomaterials development and refers to the practice of combination of scaffolds, cells, and 

biologically active molecules into functional tissues. The goal of tissue engineering is to 

assemble functional structures that restore, maintain, or improve damaged tissues or whole 

organs. Even though their replacement by new tissues that fully mimic the damaged ones is 

constantly being studied and improved, there are still many drawbacks regarding this 

field.[16], [17] 

Suitable materials for tissue engineering should allow the scaffold to provide 

constant stimulation and support growth of the targeted tissue, by 1) being biocompatible 

and able to degrade at a similar rate as the tissue’s growth occurs, 2) conferring a suitable 

morphology to allow cell differentiation, proliferation, and expansion, and 3) ideally match 

the mechanical properties of the tissue at the site of implantation. Moreover, scaffolds should 

provide a suitable substrate, with a complex interconnected pore structure, to facilitate 

nutrient diffusion throughout the extra-cellular matrix, segregated by the cells.[18]–[22]  

Even though modern medicine is continuously evolving, the number of people 

affected by certain diseases, such as cardiovascular, keeps rising. Moreover, as the 

population increases, existing therapies start to become insufficient and sometimes 

ineffective. Therefore, tissue engineering stands as a promising field with the potential to 

provide a solution to these challenges.[1], [23]  

 

2.2. Cardiac Tissue Engineering 

The heart, Fig. 1, is a very complex organ with a specialized architecture, which can 

be divided into four compartments - the left and right atria and ventricles. A healthy heart 

should be able to receive blood from the body in the right atrium and pump it towards the 

right ventricle. After travelling from that ventricle to the lungs, the blood should then return 

to the left atrium and be pushed into the left ventricle, in order to be driven towards the whole 

body. Therefore, the left ventricle presents a larger and thicker wall, compared to the right 
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side. Moreover, as also seen in Fig. 1, the heart wall can be split in three: the outer, middle 

and inner wall, corresponding to the epicardium, myocardium and endocardium, 

respectively.[24], [25] 

 
Fig. 1 - Interior view of the human heart. 

 
The adult heart contains several types of cells such as cardiomyocytes (CMs), 

fibroblasts, and endothelial and perivascular cells, all required for the normal functioning of 

the heart. However, CMs seem to occupy most of the heart’s volume, 70-85%, from which 

95% are distributed in the myocardium. Cardiomyocytes are striated muscle cells with 

cylindrical rod shape and self-beating capability, conferred by their contractile apparatus. 

They mostly regulate the myocardium’s function and can either be atrial or ventricular, 

depending on its location in the myocardium. The size of ventricular CMs, Fig 2, is around 

100-150 by 20-35 µm, and even though atrial CMs are smaller, they present a more elongated 

structure. [2], [26], [27] 

Epicardium 

Myocardium (95% of the cardiomyocytes mass) 

Endocardium 

Left Ventricle 

Right Atrium Left Atrium 

Right Ventricle 
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Fig. 2 - Left ventricular myocardium at A) low magnification and B) high magnification (arrowheads 

show adjacent myocytes linked by a specialized junction (adapted).[25]  

 

Cardiovascular diseases remain the leading cause of death worldwide, with over 17.9 

million people dying each year, 300 000 of them from heart failure. This is explained due to 

the fact that cardiomyocytes are already differentiated cells, thus becoming unable to 

replicate and replace injured ones. Even though a limited number of cardiac stem cells are 

present, the heart is unable to restore itself, thus being prone to failure. Heart failure can be 

caused by myocardial infarction, a condition derived from reduced blood flow into a certain 

region of the heart. Upon its occurrence, many cardiomyocytes die in the following days 

and, as a replacement, the formation of collagenous scar tissue happens around the 

myocardium. This process can be split in three stages (Fig 3):[1], [2], [28], [29]    

1) Inflammatory (up to 1 week): after the necrosis of the cardiomyocytes, their 

reabsorption occurs through cells such as macrophages and lymphocytes, which are 

recruited to the injured zone;[29] 

2)   Fibrotic (1 to several weeks): as inflammatory cell expression decreases, cardiac 

fibroblasts are recruited to the infarcted myocardium and differentiated into 

myofibroblasts, which begin to synthetize extracellular matrix (ECM) and collagen, 

originating the collagenous scar tissue;[27], [29] 

3)   Remodeling (several months): some reduction of the myofibroblasts occurs, due 

to apoptosis, followed by maturation of the collagenous scar tissue via the collagen’s 

cross-linking;[29] 

A B 
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Fig. 3 - Time-course of the wound healing process after myocardial infarction. MMP (matrix 

metalloproteinases) are responsible for the ECM breakdown and tissue inhibitor of MMPs (TIMP) 

for their inhibition.[29] 

Mature collagenous tissue is mainly composed of fibrillar collagen, which replaces 

the cardiomyocytes’ mass, and is responsible for bearing the loads exerted in the scar. 

Despite its resistance to tension forces, it buckles once exposed to compressive ones, thus 

conferring smaller resistance to the myocardium. This may even be accentuated with a larger 

infarcted area, eventually leading to heart failure either by rupture or stretching and thinning 

of the myocardium, which will induce even more remodeling. Hence, cardiac tissue 

remodeling is not a desirable process at all since it drastically reduces contractility, leading 

to a decrease in the heart’s ability to pump blood and ultimately heart failure.[29], [30]   

Until today, the only way to avoid tissue remodeling is to replace the infarcted area 

with functioning cardiac muscle tissue, however such treatments have not been very 

successful mainly due to poor cellular integration. Recently, induced pluripotent stem cells 

(iPSCs) have become promising in the field of regenerative therapy due to their ability to 

differentiate into any type of cell. Moreover, the possibility to integrate them in a suitable 

surface capable of supporting the functions of the native tissue makes them even more 

desirable. However, the differentiation of iPSCs must be well understood and controlled in 

order to obtain the desired cells - cardiomyocytes, in this case.[2], [31]  

Differentiation of iPSCs into cardiomyocytes can be induced through manipulation 

of signaling pathways specific for cardiac development, Fig. 4.[32] 
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Fig. 4 - Differentiation process of iPSCs into cardiac cells (adapted).[32] 

 
The differentiation process starts with the extraction of somatic cells, such as dermal 

fibroblasts, from the patient, which are reprogrammed into iPSCs through the delivery of 

specific transcription factors. Then, pre-cardiac mesoderm cells can be obtained by 

inhibiting the GSK-3β enzyme and further differentiated into cardiovascular progenitor 

cells, which can be achieved through inhibition of Wnt signaling. Due to the GSK-3β 

inactivity, the Wnt signaling pathway is reactivated, thus leading to the obtention of 

cardiomyocytes. Moreover, the progenitor cells can be differentiated into other types of 

cardiac cells, such as smooth muscle and endothelial, by providing other 

factors/conditions.[32], [33] 

It is important to acknowledge that the efficiency and reproducibility of iPSC-CMs 

are highly dependent on the specific growth factors and that the obtained iPSC-derived cells 

are a mixture of ventricular-, atrial- and nodal-like cardiomyocytes. This occurs due to 

different responses of iPSCs to the induced stimuli, derived from their different genetic 

profile. However, it is possible to purify them through non-genetic methods, such as 

fluorescent probes.[31] 

It is important to minimize permanent damage to the cardiac wall, which may be 

achieved with the tissue engineering field. To date, cardiac tissue engineering already allows 

precise cell growth in controlled three-dimensional environments, in order to study 

cardiovascular diseases. However, one of the major challenges remains the establishment of 

a suitable cardiac tissue matrix, only achieved through the selection of the most appropriate 
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biomaterials to integrate the scaffold. This is a very difficult process due to the complexity 

of the human heart. Even though their clinical application remains limited, this field holds 

great promise for the future, mainly in restoring the damaged cardiac tissue.[3], [4]    

  

2.3. Biomaterials for Scaffolds 

The need to use bioinspired materials in order to repair tissue has been shown to be 

of great importance, due to the possibility to mimic as much as possible the native 

environment of any organ. However, due to the human’s tissue complexity, the selection of 

the biomaterials can become challenging, since it not only has to support cell alignment and 

attachment, but provide stiffness and transfer load, and be replaced by other cellular 

components over time. It is, thus, important in this case that the biomaterial comprising the 

scaffold supports similar function, structure and composition as the myocardium, to allow 

great cardiomyocyte maturation and communication.[34] 

In general, the incorporation of the biomaterial can be approached by one of the four 

strategies presented in Fig. 5. The first three panels characterize the injection of a biomaterial 

combined or not with cells, which can be directly injected in vivo, providing a cell-friendly 

environment. The fourth which is characterized by the design of scaffolds, ex vivo, with 

enclosed cells and tunable properties such as shape and size. These are usually implanted 

onto the infarcted tissue on the epicardium. Scaffolds for cardiac application should provide 

a suitable environment for the cells while mechanically reinforcing the heart’s scar tissue to 

avoid ventricular dilation. Also, if the biomaterial presents bioactivity, angiogenesis may be 

promoted, due to the infiltration of cardiomyocytes, resulting in cardiac function 

improvement. Additionally, electric conductivity could also be important since it has been 

shown to enhance the transmission of electrical signals, leading to an increase in expression 

of cardiac genes involved in electrical coupling and muscle contraction.[5]–[7], [35]   
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Fig. 5 - Strategies for cardiac tissue engineering.[5] 

 

2.3.1. Properties 

The assembly of the ideal scaffold is highly influenced by the selection of the right 

biomaterial, which should be able to support the damaged tissue, both structurally and 

functionally, through the promotion of cell-cell adhesion, proliferation, and differentiation 

processes. These biomaterials should also form three-dimensional structures with 

interconnected pores, thus allowing the creation of a healthy environment with sufficient gas 

and nutrient transport for the cells, resulting in the formation of vascular supportive 

substructures. In order to optimize these structures for application in clinical settings, 

important properties such as mechanical, physical, biodegradability and biocompatibility, 

among others, must be assessed.[36] 

2.3.1.1.    Mechanical 

Young’s Modulus is one of the most studied parameters obtained through the 

evaluation of the stiffness of a given material. This parameter varies from tissue to tissue, 

depending on its location and function, and can be obtained by measuring the slope of a 

stress-strain curve of the scaffold. Since the Young’s Modulus can vary from 0,1 kPa to 1 

MPa for the different types of tissues in the human body (Fig. 6), scaffolds should provide 

similar values in order to mimic the properties of each tissue.[37] As Fig. 6 shows, the ideal 

Young’s Modulus for muscle tissue should be around 10-20 kPa. This stiffness value has 

been shown to be crucial for the differentiation of stem cells into cardiomyocytes while also 

affects their functional characteristics, such as electrical signaling and contractility. 
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Moreover, channeled scaffolds - mimicking vascularization - with 19-32 kPa were also 

proven to handle perfusion (movement of the fluid throughout the circulatory or lymphatic 

system) without deforming.[38]–[40] 

 
Fig. 6 - Young’s Modulus values, in kPa, for each specific type of tissue.[37] 

 

2.3.1.2.    Porosity 

Scaffolds must also ensure adequate cell growth as well as allow nutrient diffusion, 

something achieved through a highly interconnected porous structure. Therefore, parameters 

of the scaffolds, such as pore size and porosity, should be well controlled, especially since 

they highly influence cell migration and the mechanical properties, while also promote 

formation of new tissue.[41], [42] 

As different types of cells have different sizes, pores should have the appropriate 

diameter to permit the growth of cells and their possible migration to the center of the 

scaffold. For instance, Madden et. al showed that pores with 30-40 μm diameter were enough 

for cardiomyocytes to proliferate and migrate throughout the scaffold, while promoting 

angiogenesis, as well. However, scaffolds can neither have very large pores nor high 

porosity, since it will compromise their mechanical stability. Thus, a balance between both 

properties must exist to ensure the development of an optimal scaffold.[42], [43]      

2.3.1.3.    Biodegradability 

Biodegradability refers to the capability of the scaffold to decompose upon 

interaction with elements such as enzymes or body fluids. Since scaffolds are temporary 

aiding-tissue structures, their biodegradation rate must be proportional to the native tissue’s 

regeneration time, allowing its full recovery.[44] Parameters such as molecular weight, 

crystallinity and hydrophilicity can highly influence the biodegradation rate. Even though 

the biodegradability assessment of the scaffold should be performed in vivo, solutions such 

as PBS (phosphate-buffered saline) and Hanks, which mimic the constitution of the human 

body fluid, allow a close estimation of this parameter.[45]   
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2.3.1.4.    Biocompatibility  

Biocompatibility describes the capability of a scaffold to positively interact with cells 

and, ultimately, the host’s body. This means that the scaffold must provide a cell-friendly 

environment, for the cells to adhere, migrate, proliferate, and grow while avoiding a non-

inflammatory response once implanted. If successfully implanted, and the previously 

mentioned properties are considered, the scaffold should be able to provide enough support 

for the damaged tissue to properly regenerate.[46]      

 

2.3.2. Selection of the biomaterial  

In the last few years, biomaterials have become the most studied materials to 

integrate scaffolds for tissue engineering. Their promising properties such as the ability to 

support cell adhesion, migration, proliferation, and differentiation, due to their similitude 

with the extracellular matrix, have made them desirable for applications in the biomedical 

field. Polymers such as Poly(L-lactic acid), chitosan and silk fibroin, and peptide-based - 

diphenylalanine (FF) - are some of the already studied biomaterials and their integration in 

scaffolds proved to be beneficial. Due to their promising properties these were chosen to 

integrate the novel biomaterial scaffold developed in this work, and so will be explored in 

the next subchapters to understand their suitability in cardiac tissue engineering.[8] 

2.3.2.1. Poly(L-lactic acid) (PLLA) 

Poly(lactic acid) (PLA) is classified as an aliphatic polyester due to its monomer 

units being connected by ester bonds. The presence of a chiral carbon atom in each monomer, 

Fig. 7, provides this polymer with two different stereoisomers, poly(L-lactic acid) (PLLA) 

and poly(D-lactic acid) (PDLA), both optically active and semi-crystalline. Moreover, 

racemic poly(D,L-lactic acid) (PDLLA) consisting of a D- and L-lactic acids equimolar 

mixture can be synthesized, however this polymer does not show any optical activity nor 

semi-crystallinity.[47]  

 
Fig. 7 - Possible stereoisomers for the lactic acid.[47] 
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What makes PLA a very versatile polymer is its ability to have different properties 

depending on its molecular weight and degree of crystallization. For this reason, PLA is one 

of the most studied polymers in the biomedical field, giving researchers the capacity to tailor 

it to a certain degree.[48] The slightly slower degradation of PLLA over PDLA, and other 

properties such as biocompatibility and thermal plasticity, make PLLA the ideal material for 

biomedical applications. To elucidate, the PLLA natural degradation in situ occurs via 

hydrolysis mechanisms, through which water molecules break the ester bonds of the 

polymer. Therefore, this allows bypassing of additional surgeries, which only purpose would 

be to remove the implanted device.[48] PLLA has already been approved by the Food and 

Drug Administration (FDA) for sutures, screws and mainly bone implants, the latter related 

to some amount of piezoelectricity (as it will be explained later). In addition, its 

bioresorption capabilities allow good integration with cells and tissues, making the PLLA 

particularly interesting for bone grafting.[9], [10] However, its application in the biomedical 

field can go beyond bone tissue engineering.  

There are already a few numbers of studies stating the benefits of integrating PLLA 

in the cardiac tissue engineering research field, with applications ranging from pure ECM-

mimicking PLLA scaffolds to PLLA composite heart valves. The integration of ECM 

derived proteins to a highly porous electrospunned PLLA scaffold, showed that even pure 

PLLA scaffolds would provide outstanding topography for cell attachment and proliferation. 

This would be enhanced upon the addition of ECM-derived proteins, conferring not only 

good topography but also an anchorage platform for cardiac fibroblasts to proliferate and 

grow, as well.[49] In another study, a novel PLLA-based film was synthetized and subjected 

to specific treatments that conferred similar elastic modulus to the ones of cardiac tissue. 

Fast biodegradation rates were also achieved, as well as good biocompatibility, confirmed 

by the growth of endothelial cells, thus demonstrating its promising application for cardiac 

tissue engineering.[50] Moving onto more complex structures, a electrospunned composite 

PCL-PLLA heart valve integrating both the high stiffness of PCL and better cell adhesion 

provided by the PLLA, was able to promote cell growth, due to its porous structure, while 

being rigid and durable. Additionally, the hemodynamic performance was assessed, showing 

similar results comparing with the commercial Edwards 2800 heart valve.[51]          
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2.3.2.2. Chitosan 

Chitosan is a random polymer derived from the chemical transformation of chitin. 

Since chitin’s production by organisms such as crustaceans, insects, mollusks, and fungi 

round the 100 billion tons a year, chitosan can be easily obtained in great quantities.[12] 

Chitin is a natural linear polysaccharide composed of β-(1,4)-linked N-acetyl-D-

glucosamine units which upon alkaline deacetylation forms D-glucosamine units. Its 

deacetylation through the removal of CH3-CO-groups, leaves an amino group, as seen in 

Fig. 8. However, since deacetylation does not completely occur in normal heterogeneous 

reactions, chitosan ends up being a mixture of both acetylated and non-acetylated D-

glucosamine. Therefore, a chitosan’s degree of deacetylation must be provided or calculated, 

which should be at least above 50%.[12], [52]  

 
Fig. 8 - Chemical structures of chitin and chitosan, obtained after deacetylation.[12] 

 
At high degrees of deacetylation, chitosan becomes soluble in aqueous acidic 

solutions, due to the protonation of its amino groups. This cationic behavior allows the 

polymer to interact with various types of molecules and with the negatively charged cell 

membranes of microorganisms, which can explain its antimicrobial activity. On the other 

hand, high degrees of deacetylation originate a density increase of the amino groups, which 

can be harmful to cells and ultimately lead to tissue inflammation. This effect could be 

reduced by using chitosan with lower molecular weights.[53]–[55]  

Chitosan can form films by dissolution with acetic acid and the addition of a 

plasticizer, such as glycerol, to make them less brittle.[56] Moreover, their great mechanical 

properties and biocompatibility make them suitable for biomedical applications.[57], [58] 

The application of chitosan in the tissue engineering field usually focuses on its integration 

in a composite scaffold.[59]  

As of today, many studies regarding the application of chitosan composite scaffolds 

have already been done. These scaffolds could have the incorporation of carbon 

nanofibers[35], graphene oxide[60], and hyaluronan and silk fibroin[61], showing promising 
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results due to the enhance mechanical properties, increase in the expression of cardiac 

specific genes, and stimulation in secretion of growth factors for cardiac repair. Additionally, 

chitosan scaffolds with blended alginate and proteins such as collagen and gelatin have also 

been studied. An injectable alginate-chitosan hydrogel was formulated to repair cardiac 

function in rats, showing a more favorable course of tissue restoration characterized by 

reduced scar fibrosis after 8 weeks of myocardial infarction.[62] Also, an oriented three-

dimensional micropatterned collagen-chitosan hydrogel revealed the importance of 

microgrooves in the stimulation of cardiomyocytes. The alignment of the cardiac cells along 

the grooves resulted in 100% beating tissues even without electrical stimulation. However, 

if applied, cell density would increase, and enhancement of the tissue’s morphology would 

occur. Both are essential for the integration of the scaffold into the native heart tissue.[63] 

Furthermore, a composite scaffold of chitosan-gelatin blended with cardiac extracellular 

matrix showed endothelialization. Upon seeding endothelial progenitor cells onto the 

scaffold, their survival, differentiation, and proliferation were enhanced, further resulting in 

endothelial cells. These form single cell layers that line all blood vessels, thus representing 

a promising application of this scaffold in cardiac tissue engineering as a heart patch.[64] 

2.3.2.3. Silk Fibroin 

Silk is a natural biopolymer spun into fibers by Lepidoptera larvae (commonly 

known as silkworms), some flies, and arachnids. Although it has some small amounts of 

polysaccharides and lipids, silk is mainly composed of proteins (Fig. 9). There are three 

types of silk: mulberry, nonmulberry and spider, the last not as used. Mulberry silk is the 

most common and can be extracted from mature B. mori cocoons or larvae. It possesses two 

major proteins: fibroin, which represents the filament’s fibrous part, and sericin, that acts as 

a glue, holding the fibroin fibers due to its adhesive nature. Silk fibroin (SF) exhibits three 

secondary conformations: Silk I, a liquid metastable form of SF characterized by the random 

coil and α-helix-dominated structure, and Silk II, solid SF formed after spinning with a 

structure dominated by β-sheets. Silk fibroin in silkworms mainly occurs as the Silk II 

conformation, in which the β-sheets are organized in an anti-parallel arrangement. This way, 

the crosslinking within proteins is facilitated through hydrogen bounds and van der Waals 

interactions, resulting in stronger fibers.[13] 
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Fig. 9 - Schematic of reconstituted silk-fibroin molecular chain showing the hydrogen bonding and 

secondary structures A) random coil, B) helix, and C) β-sheet (adapted).[65] 

 
As for the nonmulberry silk, it is usually referred as wild silk and can be extracted 

from A. mylitta. Although, it is not as farmed as mulberry silk possibly due to the little 

knowledge about its silk fibroin’s structure. Nevertheless, there is a known interesting 

property related to its crystalline domain, which is the presence of RGD motifs (Arg-Gly-

Asp). These RGD motifs serve as recognition sites for integrin, receptor molecule in the 

cells’ surface, thus helping mediating cell adhesion and aiding their differentiation.[13] 

Silk-based scaffolds have gained attention in the past few years in several areas of 

application. Due to its great mechanical strength, biodegradation, drugs stabilization and 

biocompatibility, its use for drug delivery, gene therapy, bone regeneration and tissue 

engineering has become promising.[66]  The use of silk fibroin in the tissue engineering 

field has already proved to be beneficial. An innovative microfiber-silk hydrogel (SF-silk 

hydrogel) showed reinforced mechanical properties and promising results for application in 

the cartilage tissue engineering field, leaving the possibility for potential surface 

modifications and application in other tissues.[67] For cardiac tissue engineering 

applications, the use of stacked silk-cardiomyocyte monolayers revealed improved 

mechanical properties, uniform cell distribution, and structural integrity, favoring 

cardiomyocytes maturation and growth.[68] In addition, silk fibroin fibrous membranes have 

good piezoelectric coefficients, d33 up to 36 pm/V, important for cardiac stimulation.[69] 

2.3.2.4. Diphenylalanine (FF) 

Diphenylalanine (H-Phe-Phe-OH, FF) is a peptide, composed of two residues of 

phenylalanine, an aromatic amino acid, with the ability to self-assembly into more complex 

A B C 
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structures such as nanotubes (NT), nanoribbons and microtubes, Fig. 10.[70] Hence, FF can 

self-assemble into hexagonal, helical nanotubes via aromatic stacking and interpeptide 

hydrogen bond at concentrations of at least 120 mg/mL.[71]  

 
Fig. 10 – A) Diphenylalanine (FF) chemical structure, B) Fmoc-FF chemical structure and C) 

molecular model of the L-chiral isomer of an FF peptide nanotube (PNT) in α-helical conformation 

(Z-plane view) (adapted).[72] 

 
FF can exist in two enantiomeric forms: L-FF and D-FF, due to its chirality. Recently, 

it was shown that chirality greatly influences the dipole moments, energy of the system, and 

polarization of self-assembled FF-NT, mainly due to the interaction between the electrostatic 

dipole of each chiral molecular cluster. As a result D-FF tend to form thicker and shorter 

bundles when compared with L-FF.[73] FF-NT possess interesting properties such as high 

rigidity and, the most relevant to cardiac tissue engineering, piezoelectricity.[74], [75]  

The possibility to obtain FF films has been shown, acquiring the same hexagonal 

crystal structure as of FF self-assembled nanotubes, under certain conditions.[76] Moreover, 

FF films with vertically aligned FF nanotubes were also synthetized and piezoelectric 

properties were also detected.[77] As of today, no studies regarding the application FF films 

for tissue cardiac engineering were found. Moreover, the promising properties arising from 

its combination with other materials may be valuable to recovering patients that suffered 

myocardial infarction. 

B 

A C 
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2.4. Piezoelectricity 

Piezoelectricity is a phenomenon occurring in certain materials, which allows them 

to transform mechanical force into electricity and vice versa.[78] The most investigated 

piezoelectric material is zirconate titanate (PZT), an inorganic compound with great 

potential, which can be further improved by doping or modifying its structure.[79], [80] 

However, its lead nature makes it a very dangerous environment pollutant while also 

presenting toxic effects to the human body, ultimately leading to death.[81], [82]  

Organic materials are usually biocompatible, providing a suitable environment for 

cell growth. Organic materials are characterized by their low symmetry, hence showing 

piezoelectric properties based on dipole-dipole interactions. These can be achieved due to 

the presence of hydrogen bonds, within the biomolecule, which self-assemble into specific 

networks.[83], [84] Moreover, these compounds might be beneficial for biomedical 

applications that require electrical stimuli, such as cardiac tissue regeneration.[85], [86] 

Synthetic organic materials have been extensively explored, namely polyvinylidene fluoride 

trifluoroethylene (P(VDF-TrFE)) (d31 = 21.5 pm/V)[87], poly(L-lactic acid) (d14 = 9.82 

pm/V)[88] and poly(γ-benzyl–α,L-glutamate) (PBG) (d33 = 27 pm/V)[89], due to their great 

piezoelectric properties. However, natural organic materials have also shown great 

piezoelectricity, with piezocoefficients up to 178 pm/V for glycine, an amino acid, which is 

about 8 times higher than the one found for P(VDF-TrFE).[90]  

Amino acids are organic molecules that due to their chirality, provided by an α carbon 

resulting from the linkage of a carbon atom to four different groups, can acquire two different 

spatial arrangements, L and D structures. These are mirrored reflections of each other and, 

thus, non-symmetrical conformations which, as previously mentioned, allow the existence 

of piezoelectricity. Apart from α-glycine, which is the only non-symmetric amino acid, the 

other crystallized forms of glycine, β and γ, as well as the remaining amino acids, exhibit 

piezoelectric properties. Since amino acids form 3D crystal structures and constitute the 

building blocks for peptides and proteins, the latter also present piezoelectricity.[91], [92] 

All the previously mentioned molecules should present piezoelectricity due to their 

mentioned properties. Even though for chitosan this property is not well studied, PLLA, SF 

and FF present well defined piezoelectric coefficients. While diphenylalanine has the highest 

piezoelectric coefficient, d15 = 60 pm/V[93], SF has a coefficient of, d33 = 38 pm/V[69] and 

PLLA, d14 = 9.82 pm/V[88].   
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CHAPTER III - MATERIALS AND METHODS 

 

The deposition of layers for each sample, P (PLLA) and PF (PLLA/FF) and PFP 

(PLLA/FF/PLLA) was done, via spin-coater, on gold, glass, or indium tin oxide (ITO) 

substrates, which only purpose was to provide support for the films. PFP films were obtained 

via sequential deposition of PLLA, FF and PLLA layers, respectively. The first layer 

consisted of 50 µL of a 2.5% (w/v) solution of PLLA in 1,4-dioxane deposited onto the 

substrate, followed by heating at 180ºC and 120ºC for 3 and 45 min, respectively, according 

with the method previously described.[94] Then, 35 µL of 10% (w/v) FF solution in 

hexafluoroisopropanol (HFIP) was deposited on top of the PLLA, forming the second layer, 

and the sample was heated at 30 ºC for 6 h to ensure the crystallization of FF film. The 

formation of FF films is described in detail by Romanyuk et al., who optimized this 

process.[76] Finally, the last layer is a simple PLLA layer, as described above, however 

without the heating process, to avoid destruction of the second layer.  

Ch-SF porous structures were prepared by mixing different ratios (8:2, 1:1 and 2:8) 

of a solution of 2% (w/v) chitosan in acetic acid and 5% (w/v) silk, followed by deposition 

of 60 µL of Ch-SF solution onto a gold substrate or 3 mL onto a cylinder mold. Then, the 

samples were frozen at -20 ºC for 3 days to acquire a porous structure. This protocol is based 

on the experiments done by Da-Wei et al. who studied the influence of various freezing 

temperatures on the porous structure of Ch-SF.[95] 

The prepared samples were characterized in detail. For better visualization, a 

schematic of the experimental procedure is presented in Fig. 11 and further detailed. 

Abbreviations and illustrations of the samples are also presented in Table 1. 
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Fig. 11 - Schematic representation of the experimental work.  
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Table 1 - Illustration of the samples and their treatment. 

Sample   Description  Illustration and Dimension 

P  PLLA: crystallization at 180°C for 3 min 
+ 120°C for 45 minutes 

 

 

 
              1x1 cm2 

PF  

PLLA: crystallization at 180°C for 3 min 
+ 120°C for 45 minutes 

+ 
FF: crystallization at 30°C for 6 hours 

 

 

 
              1x1 cm2 

PFP  

PLLA (lower layer): crystallization at 
180°C for 3 min + 120°C for 45 minutes 

+ 
FF: crystallization at 30°C for 6 hours 

+ 
PLLA (upper layer): no crystallization 

 

 

 
              1x1 cm2 

Ch-SF  Ch-SF: freeze at -20°C for 3 days  

 

 
              1x1 cm2 

 

 
              r = 1 cm, h = 0.4 cm 

  

3.1. Materials 

Poly(L-lactic acid) pellets (650 000 g/mol, Purasorb® PL 38, Purac), 1,4-dioxane 

(99.8%, Sigma-Aldrich), 1,1,1,3,3,3-hexafluoro-2-propanol (HFIP) (Sigma-Aldrich) and FF 

lyophilized powder (Bachem, Switzerland) were used for the preparation of the films. For 

the porous structures, aqueous silk fibroin solution (50 mg/mL, Advanced BioMatrix), 

chitosan powder (Medium Mw, Sigma-Aldrich), acetic acid glacial 1.0 M (Fisher Scientific) 

and glycerol (5%, Sigma-Aldrich) were used. Degradation tests were carried out using a 

phosphate buffered saline (PBS) solution (1.0 M, pH 7.4 at 25 ºC, Sigma-Aldrich).  

Substrate 
PLLA 

Substrate 
PLLA 

FF 

Substrate 
PLLA 

FF 
PLLA 

Ch-SF 

Substrate 
Ch-SF 
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  3.2. Methodologies 

3.2.1. Preparation of the P, PF and PFP films 

3.2.1.1. Preparation of the PLLA and FF solutions 

PLLA solution of  2.5 wt% was prepared on a round bottom flask by dissolving 

PLLA pellets in 1,4-dioxane. To ensure homogenization a thermal stirrer plate was used and 

the solution was kept under constant stirring at 80ºC for 2 h in a silicone bath, thoroughly 

controlled with a thermocouple. The solution was stored at room temperature and away from 

light. 

FF solution of 10% (w/v) was prepared on an Eppendorf by dissolving 100 mg of FF 

powder in 1 mL of HFIP, followed by 10 min in the ultrasonic cleaner (Branson 2510) to 

ensure homogenization. The solution was then stored in the fridge at 4ºC. 

3.2.1.2. Deposition of the PLLA and FF films 

 The deposition of the films for each of the P, PF and PFP samples was performed on 

1x1 cm2 substrate using a Spin Coater Model P6708D Series (Specialty Coating Systems, 

USA). Both substrates were cleaned with iso-2-propanol and ultrapure water, filtered with a 

Direct-Q & Direct-Q UV Water Purification System (Merck), followed by drying. Uniform 

thin films can be obtained upon deposition of a solution on a rotating platform, hence, spin-

coating. However, parameters such as duration, rotation speed, viscosity and volume of the 

solution greatly influence the thickness of the film. The spin coating process can be divided 

into four stages and are schematized in Fig. 12[96]:  

i) Deposition: this first stage is characterized by the deposition of the solution onto 

the substrate, which is located on top of the spinning platform. There are several 

types of deposition, and for this work, two were used: deposition of the solution as a 

bolus at the center of the rotating platform, while still (PLLA) and continuous 

dispense of the solution during the spin-up phase (FF). 

ii) Spin-up : the substrate is accelerated to the selected maximum rotation speed and 

the spreading of the solution occurs due to centrifugal force. The excessive fluid is 

expelled, and as the speed increases, the solution becomes thin enough that it co-

rotates with the substrate. Rotation speed varying from 1500 to 6000 rpm and time 

from 10 seconds to several minutes highly influence this stage. 
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iii) Stable fluid outflow: once constant rotation speed is achieved, gradual fluid 

thinning occurs, since the fluid flows outward, formation of droplets occurs at the 

edge of the substrate, which are immediately flung off. For this reason, and 

depending on the rotation rate, surface tension and viscosity, thickness at the edges 

can be slightly different from the rest of the film once it is formed. 

iv) Evaporation: the last stage is characterized by the formation of a thin film due to 

solvent loss. Evaporation occurs once the fluid reaches a certain thickness causing 

the effect of the viscous forces effect to be very small.  

 
Fig. 12 - Schematics of the spin coating technique and its different stages; A) deposition - deposition 

of A1) PLLA as a bolus and A2) FF during platform spinning, B) spin-up and stable fluid outflow, 

C) evaporation and D) film formation. 

For this work, PLLA films were obtained by depositing 50 µL of solution onto the 

substrate which was then spin coated for 30 s at 4000 rpm. For the L- film, 35 µL of solution 

were dropped onto the substrate, which was already rotating at 3000 rpm and spin coated for 

30 s. For the P sample, only one layer of PLLA was deposited, while for the PF and PFP 

samples, layers of PLLA+FF and PLLA+L-+PLLA were deposited, respectively. 

solution 

substrate 

rotating platform 

A1 A2 

B C 

D 
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3.2.1.3. Crystallization of the PLLA and FF films 

 Different crystallization processes were performed for PLLA and FF films, based on 

previous works.[76], [97] 

 A VWR 7x7 Aluminum Hotplate Stirrer was used to heat the PLLA films at 180 ºC 

for 3 min followed by 120 ºC during 45 min, to induce crystallinity of the films. This process 

happens through formation of spherulites, which are induced at temperatures above the 

melting temperature (Tm) of PLLA, in this case, which is 180 ºC.[98] 

FF films were crystallized at 30 ºC during exposure to a humid atmosphere (RH = 

90%) for 6 h, in an HCP 108 (Memmert GmbH KG, Germany) climatic chamber. 

Crystallization of these films occurs due to the instability of the amorphous phase of FF 

films, which is transformed into a more stable crystalline phase in the presence of water 

vapor. 

For the P film, crystallization was performed right after its deposition. As for the PF 

film, upon crystallization of the first layer, the sample was left intact overnight, and after 

that, deposition of the FF layer was done, followed by its crystallization. Lastly, the PFP 

sample went through the same process as the PF film, however, after crystallization of the 

FF layer, deposition of the PLLA layer was done, but without submitting it to crystallization, 

to avoid destruction of the previous layer.  

 

3.2.2. Preparation of the Chitosan-Silk (Ch-SF) porous structures 

 A mixed solution with both materials was first prepared. First, a 2% (w/v) chitosan 

solution was obtained by dissolving chitosan powder in acetic acid and adding a very small 

quantity of glycerol. The solution was then mixed overnight in the hotplate stirrer to ensure 

complete homogenization and stored in the fridge at 4 ºC. As for the silk solution, it was 

bought already prepared. However, the 20 mL solution bottle had to be stored at -20 ºC and 

since it was not recommended to thaw and defrost it multiple times, the solution was 

distributed in 1 mL Eppendorf. For each usage, the required amount of Eppendorf was taken 

out of the freezer and left to thaw in the fridge at 4 ºC for 4 hours. 

 Two types of porous structures were prepared and for both, the chitosan and silk 

solutions were mixed in different ratios - 8:2, 1:1 and 2:8, respectively. However, for 

microscopic measurements, a fixed volume of 60 µL of each solution was pipetted onto a 

1x1 cm2 substrate and for macroscopic measurements, a volume of 3 mL was cast into a 
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mold. Both porous structures were stored at -20 ºC for 3 days to acquire a porous structure 

and were, after, taken out of the freezer and left at room temperature for 12 hours to dry. 

  

3.2.3. Preparation of the PLLA/FF/PLLA/Ch-SF scaffold 

 Assembly of the PLLA/FF/PLL/Ch-SF scaffold was done by first preparing the 

three-layered film using the same conditions previously mentioned, followed by deposition 

of a 60 µL drop of a mixed solution of chitosan and silk. The scaffold was then frozen at -

20 ºC for 3 days and after taken out, left at room temperature for 12 hours to dry. 

 

3.3. Characterization 

Characterization of the samples was performed using a series of techniques. Since 

some of these such as AFM and PFM are of great relevance for this work, these will be 

explained more in depth. However, a brief description of the remaining will also be provided. 

Therefore, morphology of the samples was accessed by AFM, SEM, and X-Ray µCT, and 

structural analysis with PFM, XRD and mechanical tests. Furthermore, the samples were 

then submitted to degradation tests in phosphate buffered saline (PBS) solution. 

3.3.1. Atomic Force Microscopy (AFM) 

 Imaging of every sample was accessed using a Solver Next SPM (NT-MDT) in dry 

state, operating in AFM contact and semi-contact (tapping) mode. AFM is a technique that 

allows high resolution three-dimensional (3D) assessment of the shape of a surface, detailed 

at the nanometer scale. From hard to soft materials, the morphology of the surface is 

evaluated through measurement of its height at each pixel or point in a 2D array, by a sharp 

tip, and can be done under dry and liquid environments or even vacuum. Since this tip is 

attached to a flexible microcantilever, the latter can bend upward and downward upon the 

influence of a force. Due to the incidence of a laser beam off of the cantilever, which is then 

reflected onto a split photodiode, it is possible to quantify the cantilever bending, which 

translates into the vertical tip movement. The horizontal movement, derived from lateral 

forces which torque the tip, are measured due to horizontal movement of the laser. Therefore 

and simplistically, it is possible to obtain the topography of a sample by constructing a height 

versus X and Y axis over a 2D grid, derived from the vertical movement of the tip while it 
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slides over the surface.[99] A schematic representation of the most AFM designs is presented 

in Fig. 13.   

 
Fig. 13 - Most AFM designs. The tip reflects the incident laser onto a photodiode; the vertical and 

horizontal bending of the tip are quantified and a topography image is obtained.[99] 

 

There are several AFM configurations, however contact and semi-contact modes 

were the ones used in this work: 

Contact mode, the tip directly touches the surface and due to attractive and repulsive 

forces between both, the cantilever bends. To avoid damaging the sample, cantilevers with 

small stiffness are used, providing high sensitivity.[100] 

Semi-contact (tapping) mode, unlike in contact mode, the cantilever does not touch 

the surface directly, and instead oscillates near its resonance frequency, causing the tip to 

oscillate up and down. Therefore, the interactions between the tip and the surface are 

detected due to changes in the amplitude of the cantilever oscillation, with the tip usually 

touching the sample during its lower semi oscillation. This mode allows reduction of the 

contact time between the tip and sample, which is beneficial for more fragile samples, that 

cannot withstand high lateral forces, usually formed during contact mode.[100] 

In this work the samples were analyzed with Tap190E-G probes (NT-MDT) at a 

resonant frequency of 190 Hz (P, PF and PFP films) and CSG30_BiO900/Au colloidal 

probes (NT-MDT) at a resonant frequency of 48 Hz (Ch-SF porous structures). Besides the 
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topography study, other parameters were also determined such as apparent roughness (Ra) 

and thickness, both exclusively for the P, PF and PFP films. The resulting scanned data, 

varying from 5x5 µm2 to 60x60 µm2, was treated using the Gwyddion SPM analysis tool. 

Additionally, for the analysis of the films, the data was leveled to remove the sample tilt, 

and the thickness was obtained by calculating the difference between heights of a region of 

interest.   

 

3.3.2. Scanning Electron Microscopy (SEM) 

SEM is an imaging technique that allows visualization of the surface of a sample up 

to nanometer resolution. A topographical image can be obtained through exposure of the 

sample (previously treated with a conductive coating) to a penetrating electron beam, which 

is then scattered in several directions and collected.[101]  

Hitachi SU70 SEM under the electron acceleration field of 15 kV was used to 

observe the surface of the P, PF and PFP films and Ch-SF porous structures. The films were 

coated with carbon by vacuum evaporation and the porous structures with gold/palladium, 

both to ensure conductivity of the samples.  

 

3.3.3. X-Ray Diffraction (XRD) 

XRD is a very common technique used to evaluate the crystallinity of structures, 

which is translated into X-ray diffraction patterns with different intensities. The crystallinity 

of the sample can then be analyzed by identifying diffraction peaks, each associated with a 

specific crystal phase. 

PLLA and FF films and the Ch-SF porous structures, all with dimensions of 1x1 cm2, 

were analyzed with a D8 Discover X-ray diffractometer (Bruker AXS GmbH) at room 

temperature and with a LynxEye (0D mode) detector Cu Kα1 = 1.5406 Å and Kα2 = 1.5444 

Å radiation. Scans were done in the range of 2θ	3.0-78º with a step size of 0.026º and step 

time of 0.2 s.  

3.3.4. X-Ray Microcomputed Tomography (X-Ray µCT) 

The X-ray µCT is a technique that allows measurement of morphometric parameters, 

such as porosity, of a material. Briefly, the rotating sample is penetrated by X-rays which 

are then captured by a digital detector. For each degree of rotation, a 2D radiograph (slice) 
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can be obtained and converted to a digital image. By combining all the acquired 2D slices 

using programs such as DATAviewer and CTVox, a 3D computerized image of the sample 

can be created.[102]   

For the purpose of this work X-Ray µCT was used to map the internal structure of 

the Ch-SF porous structures in order to evaluate their porosity. Samples of 1 cm radius and 

0.4 cm height were analyzed using a Bruker SkyScan-1275 (Bruker, Kontich, Belgium), an 

automated desktop laboratory system with an X-ray beam with peak energy from 20 kV to 

100 kV, 10 W of the maximum power, small X-ray spot size (>55 µm) with multiple filter 

options. The specimen was mounted between the X-ray source and the detector panel, on a 

motor-controlled rotating stage. The 2D scanned images were processed using a computer 

software, producing a series of reconstructed images (2D slices). The reconstructed µ-CT 

images were used to create 2D and 3D models using available software, namely 

DATAviewer and CTVox. 

 

3.3.5. Piezoresponse  

3.3.5.1. Piezoresponse Force Microscopy (PFM) 

 The PFM is based on the excitement of a sample using an external electric field in 

order to detect its local piezoelectric deformation. Should the sample be ferroelectric, its 

piezoresponse can be determined by nanoscale topography variations. However, due to the 

high vertical sensitivity of this technique, samples with high roughness may be problematic 

to evaluate. Since deflection of the static cantilever is derived from the piezoelectric 

deformation, it may be superimposed by the deflection signal, thus resulting in an inaccurate 

assessment of the piezoresponse imaging of the sample. Theoretically, the sensitivity of the 

PFM could be indefinitely enhanced by increasing the applied voltage. However, increased 

electrostatic signal, derived from the interaction between tip and sample, would obscure the 

image. One of the possible approaches to bypass this problem consists in the application of 

an ac modulation (imaging) voltage to the sample, and the displacement of its surface is 

measured by a standard lock-in technique, thus allowing the increase of the PFM sensitivity 

up to three orders of magnitude. Detection of either vertical or lateral vibration of the 

cantilever, which follows oscillation of the surface’s sample, can be done, and used to 
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determine vertical and lateral piezoelectric coefficients, d33 and d15, respectively (Fig. 

14).[103]  

 
Fig. 14 - A) Vertical and B) Lateral vibration of the cantilever.[103]  

 
 For vertical and lateral piezoresponse, the applied voltage generates vibration of the 

sample perpendicular and parallel to its surface, due to the piezoelectric longitudinal and 

shear deformation, respectively.[103]   

In this work P and PF samples were analyzed with an Ntegra Prima scanning probe 

microscope (NT-MDT, Russia) operating in contact mode, using conductive P coated 

cantilevers Budget Sensors Tap190-EG cantilevers at a resonant frequency of 190 Hz. First, 

topography mapping was done in a tapping mode and after PFM was performed in contact 

mode under room temperature using 21 kHz 6 V amplitude-frequency AC driving voltage 

applied to the tip. The calibration of the PFM response was performed using vertical and 

lateral force-distance curves. 

 

3.3.5.2. Laser Interferometry 

 Macroscopic piezoresponse, including extrinsic contributions from the local 

piezoelectric and dielectric heterogeneity, can be assessed through the measurements of the 

voltage-induced material expansion using an optical interferometric scheme. There are two 

possible configurations - single and double beam. Both rely on the detection of an incident 

beam, which after contacting with the film (previously excited by an external voltage that 

causes displacement of the sample), bounces back, creating an interference pattern. As the 

name indicates, while the single beam configuration has only one incident beam, reflected 

by the surface of the sample, the double beam configuration has two: one reflecting from the 

surface and other from the back of the sample. This allows more reliable readings since it 

A B 
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accounts for both front and back displacements of the sample. Moreover, the sensitivity of 

the technique can be further improved by introducing a feedback system accompanied by a 

lock-in amplifier, in order to obtain more reliable results for smaller displacements of the 

sample.[104], [105] 

In this work, the displacement of the surface of the PFP samples was analyzed with 

a modified Michelson interferometer stabilized by an external proportional-integral-

derivative (PID) feedback system. A lock-in amplifier (SR-830, Stanford Research, USA) 

was used to acquire AC displacements excited by an Agilent 33210A function generator 

(Agilent, USA). The multilayer sample was prepared from the PF and P samples, deposited 

onto an ITO coated substrate, and glued using silane solution. ITO electrodes were connected 

to the external generator. The interferometer was focused on the micro-mirror fixed at the 

top surface of the sample using silver paint glue. The measurements were performed by 

applying a 10 V p-p AC voltage between top and bottom electrodes and the frequency of the 

applied AC voltage was varied from 20 to 300 Hz.  

 

3.3.6. Mechanical Tests  

Three types of mechanical tests were performed to evaluate the Young’s Modulus of 

the samples. Due to the different properties of each sample, they were analyzed using 

different techniques. P samples of 1x1 cm2 were analyzed using AFM, while PF and PFP 

samples, of also 1x1 cm2, were analyzed via nanoindentation. Compressive tests were only 

performed on Ch-SF samples with a cylinder shape of 1 cm radius and 0.4 cm height. 

3.3.6.1. AFM 

AFM is a great imaging tool when operating in contact and semi-contact mode. 

However, other functionalities such as measurement of force-distance curves, provided by 

the force mode, are also present in most of the AFMs. Due to the possibility to apply 

localized small forces on the sample, the AFM can be used as a nanoindenter to measure 

elastic properties, such as the Young’s Modulus. Therefore, the elastic response is evaluated 

upon pressing the sample with the AFM cantilever, moved by a piezotransducer, which then 

withdraws the cantilever after indentation. The cantilever deflection and piezo movement 

are measured and translated into a typical force-distance curve, Fig. 15 A, which can be 
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manipulated and adjusted, using the Hertz model, to obtain the Young’s Modulus as the 

slope of a load vs indentation depth curve, Fig. 15 B.[106], [107]        

 
Fig. 15 - A) Typical force-distance curve obtained via AFM and B) adjustment with the Hertz model 

of the previous treated curve.[107] 

 
 For this work, force-distance curves were obtained, only for the P sample, at room 

temperature, since it was thought the AFM would not be able to reliably indent the PF and 

PFP samples, due to the presence of several layers. Hence, a Tap190E-G probe was used to 

indent the P sample at a forward and backward rate of 5 s at ten different sites. The collected 

data was treated and adjusted using the OriginLab software.  

3.3.6.2. Nanoindentation 

Nanoindentation is a similar technique to the AFM to quantitatively measure the 

mechanical properties of a specific material. After pressing the material with a specific load 

followed by withdrawal of the tip, the displacement of the sample is assessed. Then, 

mechanical properties such as the Young Modulus can be obtained by extracting the slope 

of the curve, Fig. 16, produced during withdrawal of the tip and adjusted using the Oliver 

and Pharr method, based on the method proposed by Hertz.[106]  

  A B 
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Fig. 16 - Typical force-distance curve obtained via nanoindentation. 

 
In this work, nanoindentation tests were performed since it was thought that AFM 

would not be able to indent all the present layers in the PF and PFP samples. Hence, a 

nanoindenter (TTX-NHT, CSM Instruments) with a three-sided pyramidal Berkovich 

diamond indenter (20 nm nominal tip radius) attached was used. Arrays of 3x3 indents 

spaced 40 µm apart were performed by applying 5 mN of maximum force. All tests were 

performed at room temperature. 

3.3.6.3. Compressive Tests 

Compressive tests can be performed to determine the behavior of most materials 

under compressive load. As a result, stress-strain curves can be obtained, providing 

information about certain parameters such as elastic limit, compressive strength and most 

important for this work, Young’s Modulus.[108] 

Therefore, for this work, the Young’s Modulus of the cylinder-shaped porous 

structures, previously immersed in PBS 4 h, were measured using a TA.XTplusC (Stable 

Micro Systems) texture analyzer. A 50 N load cell was used and a crosshead speed of 1 

mm/min was selected. The compressive tests were performed in three replicas of each porous 

structure and the obtained stress–strain curves treated using the OriginLab software. 

 

3.3.7. Degradation tests in phosphate buffered saline (PBS) Solution 

Degradation tests were performed for the PF, PFP and Ch-SF samples. All samples 

were immersed in PBS in a 1:10 ratio and kept at 37 ºC inside an oven (Memmert UNE 400). 
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For PF and PFP samples, they were both immersed for 7 days, and images of their surface 

were taken using a BH2 Series, Olympus optical microscope and the previously referred 

SEM, respectively. Dried 1x1 cm2 Ch-SF porous structures (weighed as W0) were immersed 

for 21 days, and the PBS solution replaced every 4 days. After 7, 14 and 21 days the porous 

structures were taken out of the PBS solution, rinsed with ultrapure water, and dried at room 

temperature over 12 hours. The dried samples were weighed as W1, and the percentage of 

remaining weight was calculated with the given formula 

 𝑅𝑒𝑚𝑎𝑖𝑛𝑖𝑛𝑔	𝑊𝑒𝑖𝑔ℎ𝑡	(%) =
𝑊!

𝑊"
	× 100 (1) 

 

Additionally, the porous structures were submitted to SEM to investigate their 

surface, after being emerged in PBS for the referred time.  
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The PLLA/FF/PLLA film was sequentially studied. First, the PLLA layer was 

evaluated, followed by the PLLA/FF combined layers, with the final PLLA/FF/PLLA 

construct being obtained by deposition of another layer of PLLA. Since the formation of 

films, FF in this case, is usually influenced by the roughness of the surface in which it will 

be deposited, different concentrations of PLLA films were first screened (Fig. A1, A2 and 

A3, Appendix). Similar roughness was found for all three concentrations, hence the 2.5% 

(w/v) was chosen due to its better availability. Regarding the FF film, a concentration of 

10% (w/v) was used, as it was previously shown to be the optimal one for film formation.[76] 

For the Chitosan-Silk (Ch-SF) porous structures, concentrations of 2% chitosan and 5% silk 

were selected, based on previous screenings (Fig. A4, A5 and A6, Appendix), with ratio 

variations of 8:2, 1:1 and 2:8. 

 

4.1. PLLA/FF/PLLA films 

During development of any material for biomedical applications, several parameters 

must be studied. Good mechanical and physical properties do not matter, if once in contact 

with the human body, the degradation of the structure occurs. Preliminary tests showed that 

the PLLA/FF film looked promising, however upon immersion in PBS solution, the FF film 

lost its shape and assembled into nanotubes. Therefore, to preserve the structure of the film, 

the deposition of another PLLA layer was proposed to cover the previous layer of FF.  

 

4.1.1. Atomic Force Microscopy (AFM) 

The topography of the films was accessed via AFM using semi-contact mode.  

4.1.1.1. PLLA 

It is possible to create PLLA films by spin coating them onto a variety of surfaces. 

Gold, glass, and indium tin oxide (ITO) substrates were used: the first to allow 

piezoelectricity readings, the second for better cell visualization and the third for 

macroscopic analysis of the sample. Even though no noticeable changes of the PLLA’s 

topography were seen, when comparing each substrate, two types of morphologies were seen 
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within the same sample: a spherulitic, Fig 17 A and B, and fibrillar, Fig. 17 C and D, 

structure, both with similar surface roughness (Ra) 23 and 25 nm, respectively. Several 

morphologies are reported for PLLA films, depending on the amount of crystallization, 

which may be influenced by different temperatures.[109] Spherulites are poly-crystalline 

structures, with circular shapes, and are characterized by their nucleation center from which 

multiple lamellas diverge. The formation of spherulites is highly dependent on the heating 

treatment which first induces the creation of a stable nucleus that allows the development 

and growing of the spherulites.[110] Hence, it may have been possible that the heating was 

not uniform within the sample, resulting in different degrees of crystallization. Additionally, 

this morphology difference could also be related to the film’s formation during spin coating. 

It was detected that if the substrate was not well aligned with the rotative platform or if the 

solution was slightly not centered, the film would not completely cover the substrate, 

possibly resulting in areas with different accumulations of solution, due to its high viscosity. 

Furthermore, thicker layers of PLLA enhance the development of spherulites.[94]  

 
Fig. 17 - Topography images showing two different morphologies visualized within the same PLLA 

sample: spherulitic for A) 60x60 µm2 and B) 20x20 µm2 area, and fibrillar C) 60x60 µm2 and D) 

20x20 µm2 area. 

A B 

C D 
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In Fig. 17 A it is possible to visualize well-defined grain boundaries, delimiting each 

spherulite. Even though the scan does not show one complete spherulite, it can be inferred, 

due to the outward direction of the lamellae, that crystallization started from stable nuclei. 

A magnified image can be seen in Fig. 17 B, where is clearly visible the direction in which 

crystallization occurred. As for Fig. 17 C it is not very clear the formation of a fibrillar 

structure, however upon reducing the scanning area, small unoriented fibers can be detected, 

Fig. 17 D. 

The film thickness was also measured, however different values were obtained, 

~1.55 µm and ~0.65, for glass and gold, respectively. This difference is clearly noticeable, 

when comparing both Fig. 18 A and B, and possibly due to the different adhesion properties 

of both substrates.  

 

Fig. 18 - Topography images with a 40x40 µm2 area of PLLA deposited on A) glass and B) gold and 

the respective graphics showing their height difference, C) and D). 
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4.1.1.2. PLLA/FF      

FF films can be obtained under certain conditions using the spin-coating 

technique.[76] However, physical properties, such as roughness, are not always easy to 

control. In fact, both the deposition technique and geometry of the surface on which the film 

placement occurs highly influence the roughness of the film.[111], [112] Hence, upon 

depositing the FF film on top of the previously synthesized PLLA films, the formation of a 

relatively flat film was expected, due to the low roughness of the PLLA. Instead, it is clearly 

visible in Fig. 19 the formation of a spherulitic-like FF film with a Ra of 115 nm. It is unclear 

why the formation of these spherulite-like structures occurs, however a possible explanation 

could be related to the formation of FF nanotubes that were aligned in different orientations. 

For the samples to crystallize, their incubation in the climatic chamber under 30 ºC and 

relative humidity (RH) of 90% is needed. However, since room temperature was below 30 

ºC, immediately after incubating the samples, water condensation may have occurred, 

resulting in the formation of many small nuclei from which the nanotubes assembled 

vertically. As crystallization continued, other nanotubes started to diverge from the center, 

aligning themselves horizontally. The schematic representation of the process is shown in 

Fig 20. Similar morphology was reported in literature, the formation of FF spherulitic films 

under conditions such as high relative humidity, above 75%.[110] Whereas in this work the 

synthesized FF film was exposed to relative humidity of 90%, which might have stimulated 

the formation of spherulites, previous articles have reported the formation of flat FF films 

under the same humidity conditions.[76] 

 
Fig. 19 - Topography images with a A) 60x60 µm2 area showing a spherulite-like structure formed 

after crystallization of the FF film and B) 20x20 µm2 area with the structure in more detail. 
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Fig. 20 - Schematic representation showing the possible explanation for the crystallization of the FF 

into spherulites. 

 
4.1.1.3. PLLA/FF/PLLA      

AFM images show the topography of the upper PLLA layer, exhibiting an irregular 

shape, Fig 21 A, with a Ra of 293 nm, which is more than two times the roughness of the PF 

film. Another image obtained by analyzing a different place of the same sample can be seen 

in Fig 21 B, and it shows a clear crystal on top of what seems to be the lower FF layer of the 

PF film, due to its similar spherulite-like structure. Since this last layer of PLLA was not 

heated, crystallization could have never occurred and, even though it has been shown that 

spherulites may enhance cellular adhesion, heating of this layer would have resulted in the 

destruction of the previous FF layer.[113] The structure of FF films starts to change at 120 

ºC. Therefore, it is clear that this was a crystal formed during the crystallization of the FF 

film. Moreover, Fig. 21 B also indicates that the PLLA layer may have not covered the whole 

sample, resulting only in the deposition of PLLA over certain parts of the FF film. As 

previously explained, this could have happened if the PLLA solution was not well centered 

with the spinning platform, leading to poor or even no coverage of some places in the sample. 
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Fig. 21 - Topography images with a 60x60 µm2 area showing a A) part of the film where PLLA 

covered the previous FF layer and B) the absence of the PLLA layer, showing a very well-defined 

FF crystal instead. 

 
 Ideally, flat, and smooth films would be useful for better control over the following 

deposited layer. Instead, with each consequent layer, the films got rougher, and the desired 

structure was not obtained. However, it has been shown that higher roughness may even be 

more beneficial for the adhesion of cells, when comparing with smoother surfaces.[114] 

 

4.1.2. Scanning Electron Microscope (SEM)  

After acquiring detailed images of the samples via AFM, SEM was performed to 

assess bigger parts of the sample surface. This way, it was possible to check if the AFM 

images were representative of the whole sample. 

4.1.2.1 PLLA 

It was assumed that PLLA had formed a film, especially due to its low rugosity and 

thickness measurements performed with AFM. However, SEM examinations (Fig. 22) 

clearly prove the formation of a thin film, due to the presence of folds, after deliberately 

damaging the samples with a thin needle, Fig. 22 A. Curiously, contrary to what was 

observed during AFM, the film looks totally flat, without sign of any spherulite or rugosity. 

Further magnification still showed no presence of any spherulite, which could be related to 

the two types of crystallization that were seen during AFM examinations. Even though 

different sites of the sample were analyzed, there could be some that did not crystallize, 

resulting in an amorphous structure with no spherulites. Furthermore, the spherulites could 

be too small for the current magnification of SEM to see them, Fig. 22 B It is important to 
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remember that the biggest AFM images acquired possessed an area of 60x60 µm2, while the 

highest SEM magnification used allowed to observe an area of around 1.2x0.8 mm2.  

 
Fig. 22 - SEM images of PLLA under A) x100 and B) x1000 magnification. The formation of a film 

is evident, however no spherulites are visible. 

4.1.2.2. PLLA/FF 

Examination of the samples with AFM after deposition of the FF layer on top of the 

PLLA displayed what it was thought to be some spherulite-like structure. SEM images at 

the lower magnification showed that the layer looks like a film (Fig. 23 A). However, after 

seeing Fig. 23 B, the confirmation that the FF had crystallized into spherulites was obtained.  

 
Fig. 23 - SEM images of PLLA/FF under A) x300 and B) x1000 magnification. The crystallization 

of the FF induced the formation of spherulites. 

4.1.2.3. PLLA/FF/PLLA 

The topography of the tri-layered film was observed by SEM. Lower magnification 

images, Fig. 24 A, clearly show the formation of a film, something that could not be entirely 
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assessed with AFM. Moreover, it is possible to see that the PLLA/FF/PLLA film has 

increased rugosity, when compared with the PLLA-only film, which was expected due to 

the deposition of three layers, especially with the previous one being a bit more irregular. 

Higher magnification images, Fig. 24 B, also show the presence of what looks to be 

spherulite structures, most likely belonging to the FF layer, has been previously seen (Fig. 

23) and the last PLLA layer was not crystallized. However, the previous results for the 2-

layered film showed that for magnifications of x1000 there were plenty of spherulites, while 

in Fig. 24 B (magnification of x300) there are only a few. So, these may not be spherulites 

but crystals, that upon being covered with the PLLA layer and due to their increased height, 

caused the film to deform in that location, thus acquiring that specific shape. This becomes 

even more clear due to the presence of a crystal during AFM examinations. Therefore, it is 

possible to obtain a film with the deposition of the three referred layers and even though it 

is not flat, the visualized topography may actually be more beneficial for cell growth than a 

totally flat one. 

 
Fig. 24 - SEM images of PLLA/FF/PLLA under A) x100 and B) x300 magnification. Possible 

deformations of the film due to the presence of crystals in the previous FF layer. 

 

4.1.3. XRD 

4.1.3.1. PLLA film 

 The formation of crystalline phases is characterized by the appearance of sharp 

diffraction peaks. In the XRD diffractogram (Fig. 25) the most prominent peak was seen at 

2θ = 16.7º, similar with the one obtained by Liu et al., who performed a similar heat 

treatment as the one in this work, obtaining PLLA crystallized into spherulites, which should 
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be a possible indicator that the samples may have acquired the same morphology.[115] Other 

peaks at 2θ = 14,8º, 19.1º and 22.3º were identified, however with much less intensity, which 

together with the 2θ = 16.7º may indicate that PLLA crystallized into α form, as explained 

by Righetti et al. Another important aspect, and the reason why PLLA may have crystallized 

into spherulites, could be related with the better re-organization of the polymer chains, 

provided by the high crystallization temperature, resulting in the formation of ordered crystal 

structures, such as spherulites.[116] 

 
 

Fig. 25 - XRD pattern of PLLA after heating at 180 ºC and 120 ºC for 3 and 45 minutes, respectively. 

 
4.1.3.2. FF film 

The XRD spectrum of the crystalline film was obtained and compared with both the 

amorphous film and FF tubes, Fig. 26.[76] The first and foremost visible change was seen 

between the amorphous and the crystalline film, where the appearance of peaks on places 

indicates that the crystallization occurs. Moreover, another interesting aspect is related to the 

presence of identical peaks in the crystalline films, as the ones observed in FF nanotubes. 

This contributes to the hypothesis that obtained crystalline films are the result of FF 

nanotubes that are organized into spherulites, confirming the crystallization of the 

synthetized L-FF films. 

10 20 30
0

500

1000

1500

2000

2500

In
te

ns
ity

(a
.u

.)

2 theta(º)



CHAPTER IV - RESULTS AND DISCUSSION 
 

46 
 

 
Fig. 26 - XRD pattern of the FF film after crystallization at 30 ºC for 6 hours and its comparison with 

amorphous film and FF tubes (adapted).[76] 

 
4.1.4. Piezoresponse 

PFM was performed for the PLLA and PLLA/FF samples, while the PLLA/FF/PLLA 

samples were evaluated using laser interferometry.  

4.1.4.1. PLLA 

To determine the piezoelectric coefficients of the PLLA, first a topography image of 

a very small area of the sample was done, Fig. 27 A, using AFM. Then, both vertical and 

lateral piezoresponse were assessed, using PFM, Fig. 27 B and C, and the d33 and d15 

piezoelectric coefficients were obtained, by determining the peak of a normal distribution of 

the overall sample’s piezoresponse, Fig. 27 D and E.  
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Fig. 27 - PLLA scans with a 5x5 µm2 area of A) topography, B) vertical and C) lateral piezoresponse 

and D) and E) their respective distribution along the scanned area. 

 The vertical piezoresponse, d33, was found to range between 0 and 1 pm/V, peaking 

at 0.43 pm/V. As for the lateral piezoresponse, d15, it also ranged from 0 to 1 pm/V, however, 

it peaked at 0.19 pm/V. These values are very small comparing to what Ochiai et al. obtained 

for PLLA, which was around 10 pm/V for d14.[88] 

The fact that a very small coefficient was obtained, it may indicate that the PLLA 

prepared in this work does not present any piezoresponse, contrarily to which is described 

in the literature, referring that PLLA is piezoelectric. However, since different morphologies 
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can be obtained through different crystallization processes, the one used for this work may 

just not be most suited to obtain piezoresponse.  

4.1.4.2. PLLA/FF 

Determination of the piezoelectric coefficients for the PLLA/FF samples was similar 

to what was done in PLLA. After acquiring a topography image of the sample (Fig. 28 A 

and B), both vertical and lateral piezoresponse were assessed (Fig. 28 C and D). The d33 and 

d15 piezoelectric coefficients were obtained by determining the peak of a normal distribution 

of overall sample’s piezoresponse (Fig. 28 E and F). 

 
Fig. 28 - Topography images A) 40x40 µm2 and B) 7x7 µm2 of the PLLA/FF film, its C) vertical 

and D) lateral piezoresponse and E) an F) their respective distribution along the scanned area. 
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The vertical piezoresponse, d33, was found to range between 0 and 12 pm/V, peaking 

at 2.5 pm/V. The lateral piezoresponse, d15, ranged from 0 to ~30 pm/V, however, it peaked 

at both 8 and 22.5 pm/V. As previously explained, the crystallization of the FF resulted in 

the formation of spherulites, which were, as hypothesized, the result of many organized 

nanotubes with vertical and horizontal orientation at the center and extremities, respectively. 

Theoretically, this should mean that at the center of the spherulite vertical piezoresponse 

would be higher and at the extremities should be lower. Even though, when looking at Fig. 

28 C, that correlation is not very clear, whereas Fig. 28 D shows a clearer distribution. Here, 

the lateral piezoresponse was measured and, as the distance from the center increases, the 

lateral piezoresponse improves, meaning that the nanotubes should be acquiring a more 

horizontal orientation as the extremity is reached. This is further showed by Fig. 28 F where 

two peaks are clearly visible. The lower peak mainly correspond to the center of the 

spherulite while the bigger one is related to the extremities. However, very low levels of 

lateral piezoresponse were also seen in the top extremity of the spherulite. This is coherent 

to the vertical piezoresponse seen in Fig. 28 C, which shows higher piezoresponse than the 

center. This may indicate that, even though most of the nanotubes are organized in the 

previously referred way, some may have acquired a different orientation. A previous study 

has reported the application of a film composed of poly(caprolactone) and poly(vinylidene 

fluoride-trifluoroethylene) for cardiac tissue engineering, stating a piezoresponse (d33) 

ranging from 3.5 to 11.1 pm/V.[14] Here, the studied PLLA/FF film showed an average of 

d33 = 2.5 pm/V and d15 = 22.5 pm/V, which should be very promising for cardiac tissue 

engineering applications. The fact that this material can deform under the application of an 

electrical current, in this case electrical impulses from the heart, may stimulate the growth 

of the cardiomyocytes.  

4.1.4.3. PLLA/FF/PLLA  

The piezoresponse of the PFP sample was evaluated using laser interferometry. This 

technique usually allows estimation of the effective vertical piezoresponse, d33, at a 

macroscopic level, unlike PFM, which characterization occurs at a microscopic level. 

Moreover, due to the low thickness of the film, its attachment to the substrate seems to hinder 

displacement derived from the back of the sample, thus allowing to use a single beam 

configuration.[105] 
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The result of the surface displacement on the applied voltage is represented in Fig. 

29. Ideally, the response should be linear, however some sudden variations can be detected. 

Nevertheless, a linear fit (blue) was done and the slope of the curve corresponding to the 

vertical piezoresponse, d33, and was found to be ~7 pm/V, almost three times the value 

obtained for the PF sample, d33 = 2.5 pm/V, using PFM. This could be related to the influence 

of the sample local heterogenicity: first, enable shear coefficient contributions to the vertical 

piezoresponse and, second, activating different interfaces’ mobility in the applied electric 

field. On contrary, in PFM the piezoresponse is measured only for a small portion of the 

sample where the pure intrinsic piezo-coefficients are obtained. Thus, this could have 

resulted in a more accurate value of the piezoresponse of the PFP sample.  

 
Fig. 29 - Displacement of the sample measured after application of different electric fields, obtained 

by laser interferometry. 

 
 Moreover, the piezoresponse was studied under AC voltage excitation at different 

frequencies (Fig. 30). The PFP sample consisted of both PF and P samples glued by silane. 

This should not alter any properties of the sample, since instead of direct depositing the last 

PLLA layer onto the PF sample, via spin-coating, a P sample was prepared individually, and 

glued on top of the PF sample. Hence, for low frequencies of 20 and 40 Hz, the piezoresponse 

was around ~ 6 pm/V, a bit lower comparing to the previously obtained value (7 pm/V). 

With the increase of the frequency, the piezoresponse decreased. This behavior was not 

expected, because usually by increasing the frequency, no variation in the piezoresponse 
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should occur, and if so it should be minimal. The piezoresponse is influenced by many 

factors and, unless the complex three-layered system is extremely well characterized, it 

should be difficult to draw concrete conclusions. A more in-depth characterization of this 

complex film and how each layer interacts with each other should provide better 

understanding of the structure and thus allow to draw better conclusions. Nevertheless, it can 

be concluded that this all-organic multilayer structure gives a valuable macroscopic 

piezoresponse around 6-7 pm/V, which is close to the piezoresponse value in the well-quality 

piezoelectric crystals, such as lithium niobate or lithium tantalate. Therefore, it is an 

interesting value and possibly promising for the improvement of cardiac tissue 

regeneration.[117]   

 
Fig. 30 - Vertical piezoresponse measured at different frequencies. 

 
4.1.5. Mechanical Properties 

4.1.5.1 AFM 

 The assessment of the Young’s Modulus was done by treating the deflection curve 

obtained upon pressing the sample with the tip, Fig. 31 A. After obtention of the indentation 

depth, through subtraction of the curves of the quartz (calibration) and PLLA samples, a new 

graphic was obtained by plotting the load vs indentation depth. This force-indentation curve 

was then adjusted with the Hertz model, which is valid for elastic surfaces while disregarding 

adhesion of the tip to the surface. Hertzian models relate the indentation of an indenter (non-

deformable AFM tip) into a deformable surface (sample). Depending on the shape of the tip, 

which in this case was a paraboloid, the model is given by  
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where R is the radius of curvature of the paraboloid indenter and E* is the surface elastic 

constant of the material.[107] The obtained curve (blue) is showed in Fig. 31 B, revealing a 

very close fit to the obtained data. 

 
Fig. 31 - A) Force-distance curves obtained via AFM for the P and calibration samples and B) its 

adjustment with the Hertz model. 

 
 Finally, the real Young’s Modulus is calculated using the following equation 

where 𝑣/- is the Poisson’s ratio of the PLLA (0.3), 𝑣0- is the Poisson’s ratio of the 

quartz (0.17), 𝐸0  the Young’s Modulus of the quartz (72 GPa) and 𝐸/ the Young’s Modulus 

of PLLA.  

From relations 2 and 3 it was possible to obtain the Young’s Modulus for PLLA 

which is 4.9 GPa. Young’s Modulus from other works are stated in Table 2, and even though 

the crystallization done in this work was different, the obtained value is similar. 
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Table 2 - Comparison of the Young’s Modulus between previous works and this work. 

  PLLA 

  Other works  This work 

E (GPa) 

 

Semi-Crystalline[118] 

3.3 
  

Crystalline[119] 

3.7 - 4.1 
 

Crystalline 

4.9 

 
Crystalline[120] 

4.4 
  

 

 It is interesting to obtain such high value for PLLA films, especially due to the fact 

that published works already exist with the application of PLLA in cardiac tissue 

engineering. As previously mentioned, it is crucial to provide the material to be implanted 

with similar properties, in this case Young’s Modulus, as the original tissue. Therefore, this 

may indicate that, even though the desirable Young’s Modulus is in the MPa range and the 

obtained one is in the GPa. This should not be an excluding factor for PLLA films to be used 

in cardiac tissue engineering, especially when other important properties such as great 

biocompatibility and piezoelectricity (to some extent) are involved, which may prove to be 

very beneficial. 

4.1.5.2. Nanoindentation  

 Measurements performed by either AFM or nanoindentation can be comparable 

techniques as long as the tip characterization is well known. Besides greatly influencing in 

the quantitative measurement of Young’s Modulus it is also important for the quantitative 

characterization of the surface of a sample.[106] Hence, the PF and PFP samples were 

indented in a 3x3 array and a force-displacement curve was obtained, Fig. 32 A and B. The 

slope was then determined and used to calculate Young’s Modulus given by the following 

equation 
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where 𝑆 is the slope of the curve, Ac the projected area of contact, E1 the Young’s Modulus 

of the tip (1140 GPa for diamond) and 𝑣!- its Poisson’s ratio (0.07) and 𝐸- the Young’s 

Modulus of the sample and 𝑣-- its Poisson’s ratio.[121] 

 
Fig. 32 - Obtained force-distance curves for A) PF and B) PFP samples via nanoindentation. Their 

sloped was determined and used to calculate their Young’s Modulus using the Oliver and Pharr 

model.[122] 

 

By analyzing the value for the PF sample, ~280 MPa, and considering the PLLA 

Young’s Modulus (4.9 GPa), it seems that the FF film lowered the overall Young’s Modulus 

of the two-layered film. The mechanical properties of FF nanotubes have already been 

evaluated by Zelenovskiy et al., and the Young’s Modulus was found to be 10 GPa. 

However, this value cannot be compared with the one found in this work since FF nanotubes 

self-assemble in the presence of water and this molecule is the main contributor to the high 

stiffness of the nanotubes.[123] Hence, since this film does not show the presence of self-

assembled nanotubes, it is highly possible that the FF film alone has a lower Young’s 

Modulus than the one found in nanotubes and consequently PLLA, resulting in a lower value 

when combining them together. 

 The Young’s Modulus of PFP sample was found to be 28 GPa, however, this value 

does not seem to be reasonable. The first PLLA layer was crystallized, resulting in a Young’s 

Modulus of 4.9 GPa and since this process highly increases the stiffness of the structure, it 

is not logical that the last layer of PLLA, which was not crystallized, conferred higher 

Young’s Modulus, than the sample with only one layer of crystallized PLLA. One possible 

explanation for this outlier value could be related with the used substrate for the PFP sample. 
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This sample was submitted for nanoindentation in an ITO substrate, contrary to the PF 

sample. The samples had different substrates because the PFP sample was supposed to be 

used for other assays, while spare PF samples in glass substrate had already been prepared. 

However, since the opportunity to perform nanoindentation emerged and due to the lack of 

PLLA solution, the PFP sample had to go in an ITO substrate. Hence, due to the flexibility 

of this substrate, the analysis was found to be more difficult, probably resulting in less 

reliable values of the Young’s Modulus. Moreover, the ITO substrate could have been 

indented together with the sample, and since the ITO Young’s Modulus is around 190 GPa, 

this could have contributed to the overall Young’s Modulus of the sample.[124] 

 

4.1.6. Degradation Tests 

4.1.6.1. PF and PFP films 

The initial goal was to develop a film with two layers, one of PLLA and another of 

FF (PF sample). However, upon exposing the PF sample to PBS, in a period of 1 week, the 

morphology of the film changed. This can clearly be seen in the Fig. 33 A, where the film 

has a spherulitic morphology that changes once in contact with PBS, resulting in the 

formation of nanotubes instead, Fig. 33 B.  

 
Fig. 33 - Optical images under x550 magnification of the PLLA/FF film A) before and B) after being 

immersed in PBS for 1 week. The formation of nanotubes is clearly visible. 

 
As previously explained, the spherulites are composed of organized nanotubes that 

spawn from a center in an outward direction. After 1 week of exposure to PBS solution, the 

nanotubes forming the spherulites self-organized into even bigger nanotubes, resulting in the 
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loss of the spherulitic morphology of the film. This may be possible since self-assembly of 

FF nanotubes occurs in a presence of aqueous solutions.[125] Hence once 10 mL of PBS 

were introduced into the system, this amount of aqueous solution was more than enough to 

allow the nanotubes to self-assemble. However, an aqueous solution should be introduced 

again and the nanotubes may lose their stability, resulting in their destruction.[126]  

In an attempt to avoid this phenomenon, it was thought that by covering the FF layer 

with another of PLLA, the spherulitic morphology of the film could be preserved. Hence, 

after deposition of the referred layer, the PFP sample was submerged in PBS solution and 

after 1 week SEM images were taken, Fig. 34 B. Comparing with the image of the PFP 

sample before immersion in PBS (Fig. 34 A), it was clear that after 1 week the PLLA film 

started to degrade, exposing the FF spherulites. However, unlike visualized in the PF sample, 

these spherulites did not seem to assemble into nanotubes. Since most of the sample is still 

covered with the last layer, this may have hindered the contact between the L-FF layer and 

PBS solution, with only a few parts being exposed. However, the reason why these small 

regions in contact with PBS did not assemble into nanotubes is unclear. 

 
Fig. 34 - SEM images under x300 magnification of the PLLA/FF/PLLA film A) before and B) after 

being immersed in PBS for 1 week. The degradation of the PLLA (gray) is visible, however, the FF 

film (black) does not seem to lose its spherulitic morphology. 

 

Nevertheless, the addition of a PLLA layer on top of the L-FF film prevented the loss 

of its morphology. However, only after 1 week the PLLA layer seems to have degraded quite 

fast. This is not desirable since it is possible that after 2 weeks, the PLLA may be completely 

degraded, resulting in the destruction of the L-FF film. It is important to remember that the 

main source of piezoelectric activity is the L-FF film, which may vary once the morphology 
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of the film changes. Hence, maybe the addition of another layer could provide better 

protection to the layer below.  

 

4.2. Chitosan-Silk (Ch-SF) porous structures 

4.2.1. Atomic Force Microscopy (AFM) 

Ch-SF porous structures were obtained by depositing 70 µL of mixed solution, with 

ratios of 2:8, 1:1 and 8:2 of chitosan and silk, respectively, onto a 1x1 cm2 gold substrate. 

After freezing them at -20ºC for 3 days, the samples were taken out and a color change was 

visualized along the different ratios, Fig. 35. The increase in silk content left the sample with 

a whiter color and it appeared to confer an increased stiffness.  

 
Fig. 35 - Chitosan-silk samples with (left to right) 8:2 (8Ch-2SF), 1:1 (1Ch-1SF) and 8:2 (2Ch-8SF) 

ratios prepared on 1x1 cm2 gold substrate after being exposed at -20 ºC for 3 days. 

 
 The samples were then analyzed using AFM, Fig. 36. It was difficult to get good 

images at first due to their irregular shape and because Ch-SF porous structures revealed to 

be very soft. Techniques, such as PFM, require analysis in contact mode, which the 

assessment of the surface is obtained by directly touching it, while semi-contact mode does 

it through tapping, meaning that tip periodically touches the sample. If the sample is too soft, 

during contact mode the tip will damage the sample. Additionally, the samples have pores 

with heights up to 3 µm, as is visible in the AFM images obtained via semi-contact mode, 

which can easily result in the breakage of the tip, as it happened during all the attempts. 

 AFM images for all three ratios show the porous structure of the samples. Even 

though 20x20 µm2 area scans are not representative of the whole sample, attempts of 

analyzing bigger areas were unsuccessful due to the high oscillation of the tip, most of the 

times resulting in not touching the surface. This led to the conclusion that more and bigger 

pores could be present within the porous structures and these images probably represented 

very small pores of the overall structure. Moreover, no conclusion can be inferred between 

 



CHAPTER IV - RESULTS AND DISCUSSION 
 

58 
 

ratios using AFM images, because the presence of different pore sizes within the same 

sample was visualized. A good example can be seen for the 1:1 ratio sample with about 15 

µm and 5 µm diameter pores on the left and right images, Fig. 36 C and D, respectively. 

 
Fig. 36 - Topography images with a 20x20 µm2 area revealing the possible porous structure of the 

A) and B) 8Ch-2SF, C) and D) 1Ch-1SF and E) and F) 2Ch-8SF samples. 

 
4.2.2. Scanning Electron Microscopy (SEM) 

 The previous results obtained via AFM, were further confirmed using SEM, which 

allowed to examine a bigger area of the samples. A porous structure was visualized for all 
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three ratios, especially for the Ch-SF with 8:2 (8Ch-2SF) and 2:8 (2Ch-8SF) ratios (Fig. 37). 

The 1Ch-1SF sample (Fig. 37 C and D) has porous structure, but it appears like the pores 

are not as deep as found in the other ratios. Moreover, while for the other ratios the pores 

seem to have different sizes, as well as a more irregular shape, thus conferring better 

topography, facilitating cell migration, this is not visible in the 1Ch-1SF porous structure. 

Instead, pores with similar size formed by thin interconnections can be seen. Moreover, the 

8Ch-2SF sample presented bigger pores, while their size decreased for both the other 

structures (Fig. 37 B). The porosity of these porous structures is highly influenced by the 

freezing temperature and, at some extent, viscosity. The formation of crystals promotes 

nucleation and ice growth, hence forming crystals and, consequently, pores, once the 

samples are dried. Secondly, the chitosan’s higher viscosity hinders the transportation of 

water molecules, leading to the formation of pores with irregular polygon shape.[95] For 

these reasons the structures are porous and acquire a more circular pore shape with the 

decrease of chitosan’s content. Moreover, it has been shown that by increasing the amount 

of silk, the pore size should reduce.[127] 

Besides the 1x1 cm2 samples, cylinder-shaped porous structures (Fig. 38) were also 

produced and analyzed in order to confirm the existence of pores on the surface, Fig. 39. 

Usually, the protocols for the preparation of chitosan-silk porous structures include a freeze-

drying step. This would ensure the immediate evaporation of the ice crystals with the 

formation of pores in their place. In this study, the structures did not undergo this process, 

however the formation of pores occurred. Due to the bigger dimension of the cylinder-

shaped porous structure, it was thought that the pores could be destroyed, since the crystals 

would not evaporate, but melt instead, resulting in the destruction of the porous structure. 

Nevertheless, SEM images showed the characteristic porous morphology, of the 1x1 cm2 

samples, at least for the 8Ch-2SF and 2Ch-8SF samples. It is unclear what happened to the 

1Ch-1SF sample, however pores were not entirely visible at the surface of this structure. 

Even though it has an irregular surface, the lack of porosity renders it less promising 

compared with the other two. 

 Therefore, the 8Ch-2SF and 2Ch-8SF porous structures appear to be the most 

promising ones over the 1Ch-1SF, due to the more favorable topography, which has a crucial 

impact on any cellular growth.  
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Fig. 37 - SEM images of the surface of 1x1 cm2 Ch-SF porous structures for different ratios, 8:2 (A, 

B), 1:1 (C, D), and 2:8 (E, F), under x300 (A, C, E) and x1000 (B, D, F) magnification. 

 

 
Fig. 38 – Cylinder-shaped structures with 8:2, 1:1 and 8:2 ratios (left to right) after being exposed at 

-20 ºC for 3 days. 
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Fig. 39 - SEM images of the surface of the cylinder-shaped Ch-SF porous structures for different 

ratios, 8:2 (A, B), 1:1 (C, D), and 2:8 (E, F), with x300 (A, C, E) and x1000 (B, D, F) magnification. 

 
4.2.3. X-Ray µCT   

The computerized 3D structure of the porous structures was obtained by combining 

the several 2D slices obtained through each degree of rotation of the sample. Images of the 

overall porous structures and their sagittal and transversal cross sections are presented (Fig. 

40). 
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Fig. 40 - µCT scans of the A) 8Ch-SF2, B) 1Ch-1SF and C) 2Ch-8SF porous structures: 1) overview, 

2) sagittal and 3) transversal cross sections. 
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 The porosity of the porous structures was measured and found to be 66.3, 80.3 and 

55.7% for the 8Ch-2SF, 1Ch-1SF and 2Ch-8SF, respectively. By looking at the Fig. 40 A 

and C, it is clearly visible that the 2Ch-8SF porous structure presented a more compact 

arrangement than the 8Ch-2SF, thus resulting in a lower percentage of porosity. Even though 

the 2Ch-8SF had around less 10% porosity, both structures seemed to have well-defined 

pores, with some occasional bigger ones. Interestingly, the 1Ch-1SF presented the highest 

percentage of porosity, however, it is not derived from the existence of well-defined pores. 

Instead, it looks like this structure is composed by randomly organized fibers, which are 

spaced from each other, thus creating empty spaces. The formation of these fibers could be 

related with the presence of acetic acid in the chitosan solution. It has previously been shown 

that acetic acid promotes the crystallization of silk, by changing its conformation into β-

sheets, thus inducing the formation fibers.[128] Since in the 1Ch-1SF structure, the same 

quantity of chitosan and silk was present, the amount of acetic acid was enough to induce 

the silk crystallization into a structure composed of fibers. This possibility is further 

enhanced, since in Fig. 40 A3 some fibers are visible at the center of the 8Ch-2SF porous 

structure. This means that even though the quantity of silk was low, the high amount of acetic 

acid was able to promote some small crystallization. For the 2Ch-8SF structure, a complete 

porous structure was verified, Fig. 40 C3, possibly due to the fact that the amount of acetic 

acid in this structure was very low, thus not being enough to crystallize any silk.   

To perform this technique, the sample should be as dry as possible, otherwise the 

obtained resolution is low.[102] It was seen that after completely drying the porous 

structures, they would lose its cylinder shape, probably due to the slow melting of the ice 

crystals, thus hindering realization of this technique. Therefore, the porous structures were 

submitted to freeze-drying instead, a technique that allows sublimation of ice crystals, 

ensuring the formation of well-defined pores through direct evaporation of the ice crystals. 

Thus, it is likely that the porosity of the porous structures may vary, depending on if it is 

simply dried or freeze-dried. 

  
 

4.2.4. Compressive Tests 

 It is crucial to provide the engineered scaffold with similar mechanical properties as 

the native tissue to allow adequate cell growth. Hence, a series of Ch-SF porous structures 

with controlled cylinder shape - 1 cm diameter and 4 mm height - were prepared and 
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subjected to compressive tests to evaluate their suitability. Since the porous structures had a 

fixed concentration of 2% chitosan and 5% silk, their ratios were varied and the stress-strain 

curves for each, obtained, Fig. 41 A. After analysis, an estimation of the linear phase of each 

curve was done, and the selected compressive strain interval - ranging from 35 to 45% - was 

used to calculate the Young’s Modulus, Fig. 41 B. The obtained Young’s Modulus values 

for the 2:8, 1:1 and 8:2 ratios were 46, 98 and 163 kPa, respectively (Fig. 42), being similar 

to the ones published by Li et al, who synthetized porous structures with solutions of 2 wt% 

chitosan and 4 wt% silk, respectively.[95] 

 
Fig. 41 - A) Stress-strain curves obtained for the chitosan-silk porous structures with 8:2 (blue), 1:1 

(red) and 2:8 (gray) ratios and B) linear domain used to calculate the Young’s Modulus.  

 

 
Fig. 42 - Young’s Modulus for the chitosan-silk porous structures with 8:2 (blue), 1:1 (red) and 2:8 

(gray) ratios. Mechanical properties of the porous structures can be controlled by regulating the 

quantity of either chitosan or silk. 
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These results showed that the increase of chitosan content in the porous structures 

significantly increases their stiffness. Hence, the porous structures can be tailored to obtain 

a specific Young’s Modulus. Even though the 2:8 ratio corresponded to the lowest Young’s 

Modulus, it is still a bit far from the desired 10-20 kPa found in muscle tissue. Following the 

data tendency, it should be possible to obtain a porous structure with lower Young’s 

Modulus, if only silk were to be used. And while pure silk structures acquire a more lamellar 

arrangement [129], which is also good for cell growth, removing chitosan from the porous 

structure would deprive it of other important properties, such as antimicrobial. Hence, since 

both the 8:2 and 2:8 chitosan-silk ratios have similar porous structures, but the best Young’s 

Modulus can be found in the porous structure with less chitosan content, the 2:8 ratio seems 

to be the ideal balance between chitosan and silk. 

 
4.2.5. Degradation Tests 

Degradation of the 1x1 cm2 porous structures was studied by evaluating their weight 

loss over time (Fig. 43). Only two of the three concentrations were studied since they showed 

the most promising results. Hence, the 8Ch-2SF and 2Ch-8SF porous structures showed 

remaining weight of 78.0 and 89.1%, respectively, after three weeks. It was also possible to 

notice that the chitosan-silk porous structure with an 8Ch-2SF had higher accentuated weight 

loss than the 2Ch-8SF. This indicates that the presence of chitosan in the samples lead to 

faster degradation rates, confirming that the porous structures can be easily tuned to obtain 

a certain degradation rate. Moreover, chitosan with different deacetylation degree, 

correspond to different degradation rates. For instance, chitosan with lower deacetylation 

degree has faster degradation rate due to the presence of more amorphous regions.[130] 
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Fig. 43 - Degradation of 8Ch-2SF and 2Ch-8SF 1x1 cm2 porous structures, by assessing weight loss. 

 
SEM images of the degradation over time of the porous structures were also obtained 

and are presented in Fig. 44. Surprisingly, only after 7 days, the samples seem to completely 

lose their porous structure. Even though the shape of the porous structure is still noticeable, 

in Fig. 44 C and D, it is worsened after 14 days, Fig. 44 E and F, and 21 days, Fig. 44 G 

and H, of exposure. One possible explanation could be related to the fragile porous structure 

of the samples. In both Fig. 44 A and B, the pores seem to be interconnected by very thin 

filaments, which after being exposed to PBS could quickly degrade over time, resulting in 

the collapse of the structure. Another important thing to refer is that some crystals, belonging 

to the PBS solution, are visible, which may indicate that the samples were not well washed. 

Although very unlikely, some of these crystals could have infiltrated into the pores, thus 

obstructing them, and hindering their correct visualization. Nevertheless, the almost 

complete degradation of the pores could compromise cellular growth, which usually is 

studied up to 21 days. Ideally, the porous structure could be very promising for 

cardiomyocytes growth, because it allows a more efficient nutrient transport resulting in 

better proliferation and migration of these cells. Still, cardiomyocytes should still proliferate 

along these porous structures due to their rugous topography. 
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Fig. 44 - SEM images under x300 magnification of the chitosan-silk porous structures with 8:2 ratio 

(A, C, E and G) and 2:8 ratio (B, D, F and H) after being immersed in PBS for 7 (C and D), 14 (E 

and F) and 21 (G and H) days. The structures seem to lose their porosity very quickly. 
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4.3. PLLA/FF /PLLA/Chitosan-Silk (PFP/Ch-SF) scaffold 

 Initial plans included the complete study of this scaffold. However, due to lack of 

time it was not possible to do a thorough investigation. Nevertheless, a preliminary sample 

of this scaffold with a ratio of 8:2 Ch-SF was prepared and submitted to SEM, Fig. 45.  

 
Fig. 45 - SEM images of the surface of the PFP/8Ch-2SF sample under A) x100 and B) x1000 

magnification. The structure seems to have porosity at some extent. 

 
 It is possible to see an interconnected surface (Fig. 45 A), like the one seen for 1Ch-

1SF. The fact that a ratio of 8:2 Ch-SF was used and the porous structure is different may 

indicate that a possible interaction between the last layer of the film, PLLA, and the chitosan-

silk occurs. Looking at Fig. 45 B, it shows what seems to be a hole with some depth, which 

could indicate the existence of pores below the apparent surface. These preliminary results 

show that should be possible to obtain a porous structure after combining all materials, 

however the interaction between the PLLA and chitosan-silk must be studied, so that a 

scaffold with better porous structure can be obtained. Moreover, it is important to mention 

that the whole sample had to be frozen at -20 ºC and due to the lack of other tests, it is unclear 

whether the layers in the three-layered film resisted this temperature without changing their 

properties or remained stable. Nevertheless, these images show promising results for the 

development of future work.
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CHAPTER V - CONCLUSION AND FUTURE WORK 

 5.1. Conclusion 

As life expectancy increases, people are more likely to develop diseases such as 

cardiovascular. Among them, myocardial infarction can most of the times lead to heart 

failure, thus becoming deathly. However, due to the intensive research of fields such as tissue 

engineering, which are constantly growing, new solutions appear every day that try to 

provide new approaches for the treatment of certain conditions.  

The goal of this work was to develop a scaffold with the capability to aid 

cardiomyocytes during the regeneration process of a myocardial infarction. Hence, a tri-

layered film composed of two layers of PLLA and one of FF and a chitosan-silk porous 

structure were developed.  

Preparation of the three-layered film consisted in the deposition of three subsequent 

layers: first PLLA and second L-FF, both crystallized to acquire piezoelectricity, and the 

third PLLA, which was not crystallized, since it would have compromised the L-FF layer 

due to the high temperature. Topography of the film, obtained via AFM and SEM, showed 

that with the deposition of each layer, rugosity increased, hindering the formation of flat 

films. The first two layers crystallized into spherulites, which was expected for the PLLA 

but not for the L-FF. XRD patterns of the L-FF film showed similar peaks as the ones found 

for FF nanotubes, implying that these are present in the film. Therefore, it is possible that 

during crystallization of the film, condensation may have influenced the organization of the 

FF nanotubes into spherulites. For the final layer, PLLA, seemed to have acquired the shape 

of the previous one, revealing an irregular topography as well, which in the end may prove 

to be beneficial for cellular growth. The deposition of the FF layer on top of the PLLA film 

(E = 4.9 GPa) resulted in the decrease of the elastic modulus to around 280 MPa. Even 

though this value is far from the one found for cardiac tissue, the film is still a soft material 

and thus suitable for biomedical applications. The top layer of the two-layered film, FF, 

seemed to transform into larger FF nanotubes, after 1 week of being emerged in PBS, thus 

losing its spherulitic morphology. Therefore, a third layer, PLLA, was introduced to prevent 

this phenomenon, forming the final three-layered film. Even though the FF layer did not lose 

its morphology, the PLLA layer seemed to degrade faster than expected, only after 1 week.  
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Chitosan-silk porous structures were produced in three ratios - 8:2, 1:1 and 2:8 - by 

mixing both solutions of chitosan and silk, followed by freezing at -20 ºC for three days. 

These were then dried and characterized. SEM and AFM analysis showed the existence of a 

pores for all ratios, however more noticeable for the 8:2 and 2:8 ratios. X-ray µCT further 

confirmed the porosity percentage, which was found to be 66.3, 80.3 and 55.7% for the 

8Ch2SF, 1Ch:1SF and 2Ch:8SF, respectively. However, these porous structures were freeze-

dried which should influence the porous structure at some extent. This porous structure is 

very important for the transport of nutrients, thus providing the cells with a suitable 

environment for growth. Additionally, cells can easily migrate inside the porous structures, 

which should enhance the regeneration of the tissue. Moreover, the Young’s Modulus was 

studied and found to be 46, 98 and 163 kPa for the 2:8, 1:1 and 8:2 ratios, respectively. These 

values are very close to the one found for cardiac tissue, ~10 kPa, especially the 2:8 ratio. 

Degradation tests were also performed during three weeks and the remaining weight of the 

porous structures was found to be near 90 and 80%, for the chitosan-silk ratios of 8:2 and 

2:8, respectively, showing that a higher amount of silk may confer more stability to the 

structures. Unexpectedly, the porous structures lost most of its porosity only after one week, 

probably due to instability of the structure derived from drying instead of freeze-drying. 

However, after three weeks the structure remains similar. 

To conclude, piezoresponse was also studied. Due to the porosity of the porous 

structures, it was not possible to measure their piezoresponse. However, it was possible to 

evaluate the PLLA and the three-layered films, and even though a very low response was 

found for the crystallized PLLA layer, the three-layered film had about d33 = 6-7 pm/V, 

which is higher than the value for lithium tantalate, a well-quality piezoelectric crystal. The 

fact that it was possible to obtain such a response from biomaterials, compared to inorganic 

materials, just proves how promising they are for biomedical applications.  

Hence, this study demonstrated the creation of two suitable platforms for application 

in cardiac tissue engineering, and the possibility to combine them together. Properties such 

as piezoresponse, which should greatly enhance the regeneration of cardiomyocytes, by 

providing them with electrical stimulation, and the porosity found in the chitosan-silk porous 

structures in combination with their Young’s Modulus (close to the one found in cardiac 

tissue), should provide a great environment for cellular growth.  
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 5.2. Future Work 

The three-layered films still need more characterization in order to understand how 

both the PLLA and FF interact. This could lead to better manipulation of the films and 

possibly better piezoresponse. Their degradation should also be thoroughly studied in order 

to try and decrease the degradation rate of the PLLA. Since the FF is the source of 

piezoelectricity, it should be highly preserved. 

In this work it was possible to obtain chitosan-silk porous structures just by drying 

them, however the stability of this structure is not very good. Hence, freeze-drying should 

be used to produce more stable porous structures and new characterization should be done. 

Moreover, piezoresponse should be assessed, possibly using laser interferometry, due to the 

irregular topography of the porous structures. 

The initial goal was to combine both the PLLA/FF/PLLA film and Ch-SF porous 

structure and fully characterize them, but this was not possible due to time constraints. 

However, one preliminary sample of PLLA/FF/PLLA/Ch-SF was prepared, showing the 

possibility of obtaining a porous structure. Moreover, cellular assays for each individual 

structure should be performed since it was not possible due to technical complications. Both 

the film and porous structures should be completely biocompatible, due to the nature of the 

biomaterials and it would be interesting to study the influence of piezoresponse on the 

regeneration of cardiac tissue.
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APPENDIX 

I. PLLA screenings 

PLLA screenings were performed via AFM and topography images were obtained 

for each of the 3 concentrations, Fig. A1, A2 and A3. Crystallization of the PLLA was 

similar for all 3 concentrations, and additionally the surface roughness was measured. The 

values obtained were 21.5 ± 2.3, 23.2 ± 2.7 and 25.5 ± 1.7 nm for PLLA 1.0, 1.5 and 2.5 

wt%, respectively. Since the values were very similar as well, PLLA 2.5 wt% was chosen, 

due to better availability. It is important to point out that what appears to be some kind of 

holes in the PLLA 1.0 wtf% film were visible in Fig. S1. This may be related either with the 

fact that the solution did not adhere on that part of the substrate, or its quantity was not 

enough. 

 
Fig. A1 - Topography image with an area of 20x20 µm2 of PLLA 1.0 wt%. 

 

 
Fig. A2 - Topography image with an area of 20x20 µm2 of PLLA 1.5 wt%. 
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Fig. A3 - Topography image with an area of 20x20 µm2 of PLLA 2.5 wt%. 

 

II. Chitosan-Silk screenings 

Screenings of the chitosan-silk samples for the 3 different ratios - 8:2, 1:1, 2:8 - were 

performed via SEM and their surface was assessed, Fig. A4, A5 and A6. Here, 

concentrations of 2% (w/v) chitosan and 2.5% (w/v) silk were used and compared with the 

ones used for this work, 2% (w/v) chitosan and 5% (w/v) silk. The concentration of chitosan 

was fixed at 2% (w/v) because it would become too viscous at higher concentrations. 

However, the concentration of silk was varied and differences in the surface were seen.  

The fact that a lower concentration of silk was used, resulted in the formation of a 

lamellar shape along the surface. This may be explained since lower concentrations of silk 

tend to form ice crystals along the freeze direction, inducing the referred morphology. 

However, by increasing the ratio of chitosan-silk, more amount of chitosan will be added, 

thus increasing the viscosity of the solution, and consequently decreasing the transportation 

of water molecules. This may hinder the formation of lamellar ice crystals induced by the 

silk.[95] Therefore the chosen concentrations of chitosan and silk were 2 and 5% (w/v), 

respectively.  
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Fig. A4 - SEM images of the surface of the 1x1 cm2 Ch-SF porous structure for the 8:2 ratio under 

x300 magnification. 

 

 

Fig. A5 - SEM images of the surface of the 1x1 cm2 Ch-SF porous structure for the 1:1 ratio under 

x300 magnification. 

 

 

Fig. A6 - SEM images of the surface of the 1x1 cm2 Ch-SF porous structure for the 2:8 ratio under 

x300 magnification. 


